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ABSTRACT
Ge, Yifan. Ph.D., Purdue University, December 2016. Investigating Spatial Distribution
and Dynamics of Membrane Proteins in Polymer-Tethered Lipid Bilayer Systems using
Single Molecule-Sensitive Imaging Techniques. Major Professor: Christoph A. Naumann.
Plasma membranes are complex supramolecular assemblies comprised of lipids and
membrane proteins. Both types of membrane constituents are organized in highly dynamic
patches with profound impact on membrane functionality, illustrating the functional impor-
tance of plasma membrane fluidity. Exemplary, dynamic processes of membrane protein
oligomerization and distribution are of physiological and pathological importance. How-
ever, due to the complexity of the plasma membrane, the underlying regulatory mechanisms
of membrane protein organization and distribution remain elusive. To address this short-
coming, in this thesis work, different mechanisms of dynamic membrane protein assembly
and distribution are examined in a polymer-tethered lipid bilayer system using comple-
mentary confocal optical detection techniques, including 2D confocal imaging and single
molecule-sensitive confocal fluorescence intensity analysis methods [fluorescence corre-
lation spectroscopy (FCS) autocorrelation analysis and photon counting histogram (PCH)
method]. Specifically, this complementary methodology was applied to investigate mech-
anisms of membrane protein assembly and distribution, which are of significance in the
areas of membrane biophysics and cellular mechanics.
From the membrane biophysics perspective, the role of lipid heterogeneities in the dis-
tribution and function of membrane proteins in the plasma membrane has been a long-
standing problem. One of the most well-known membrane heterogeneities are known as
lipid rafts, which are domains enriched in sphingolipids and cholesterol (CHOL). A hall-
mark of lipid rafts is that they are important regulators of membrane protein distribution
and function in the plasma membrane. Unfortunately, progress in deciphering the mech-
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anisms of raft-mediated regulation of membrane protein distribution has been sluggish,
largely due to the small size and transient nature of raft domains in cellular membranes.
To overcome this challenge, the current thesis explored the distribution and oligomeriza-
tion of membrane proteins in raft-mimicking lipid mixtures, which form stable coexisting
CHOL-enriched and CHOL-deficient lipid domains of micron-size, which can easily be
visualized using optical microscopy techniques. In particular, model membrane experi-
ments were designed, which provided insight into the role of membrane CHOL level ver-
sus binding of native ligands on the oligomerization state and distribution of GPI-anchored
urokinase plasminogen activator receptor (uPAR) and the transmembrane protein αvβ3 in-
tegrin. Experiments on uPAR showed that receptor oligomerization and raft sequestration
are predominantly influenced by the binding of natural ligands, but are largely indepen-
dent of CHOL level changes. In contrast, through a presumably different mechanism, the
sequestration of αvβ3 integrin in raft-mimicking lipid mixtures is dependent on both lig-
and binding and CHOL content changes without altering protein oligomerization state. In
addition, the significance of membrane-embedded ligands as regulators of integrin seques-
tration in raft-mimicking lipid mixtures was explored. One set of experiments showed
that ganglioside GM3 induces dimerization of α5β1 integrins in a CHOL-free lipid bilayer,
while addition of CHOL suppresses such a dimerization process. Furthermore, GM3 was
found to recruit α5β1 integrin into CHOL-enriched domains, illustrating the potential sig-
nificance of GM3 as a membrane-associated ligand of α5β1 integrin. Similarly, uPAR was
observed to form complexes with αvβ3 integrin in a CHOL dependent manner, thereby
causing the translocation of the complex into CHOL-enriched domains. Moreover, using
a newly developed dual color FCS and PCH assay, the composition of uPAR and integrin
within complexes was determined for the first time.
From the perspective of cell mechanics, the characterization of the dynamic assembly
of membrane proteins during formation of cell adhesions represents an important scientific
problem. Cell adhesions play an important role as force transducers of cellular contrac-
tile forces. They may be formed between cell and extracellular matrix, through integrin-
based focal adhesions, as well as between different cells, through cadherin-based adherens
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junctions (AJs). Importantly, both types of cell adhesions act as sensitive force sensors,
which change their size and shape in response to external mechanical signals. Tradition-
ally, the correlation between adhesion linker assembly and external mechanical cues was
investigated by employing polymeric substrates of adjustable substrate stiffness containing
covalently attached linkers. Such systems are well suited to mimic the mechanosensi-
tive assembly of focal adhesions (FAs), but fail to replicate the rich dynamics of cell-cell
linkages, such as treadmilling of adherens junctions, during cellular force sensing. To
overcome this limitation, the 2D confocal imaging methodology was applied to investigate
the dynamic assembly of N-cadherin-chimera on the surface of a polymer-tethered lipid
multi-bilayer in the presence of plated cells. Here, the N-cadherin chimera-functionalized
polymer-tethered lipid bilayer acts as a cell surface-mimicking cell substrate, which: (i) al-
lows the adjustment of substrate stiffness by changing the degree of bilayer stacking and (ii)
enables the free assembly of N-cadherin chimera linkers into clusters underneath migrating
cells, thereby forming highly dynamic cell-substrate linkages with remarkable parallels to
adherens junctions. By applying the confocal methodology, the dynamic assembly of dye-
labeled N-cadherin chimera into clusters was monitored underneath adhered cells. More-
over, the long-range mobility of N-cadherin chimera clusters was analyzed by tracking
the cluster positions over time using a MATLAB-based multiple-particle tracking method.
Disruption of the cytoskeleton organization of plated cells confirmed the disassembly of
N-cadherin chimera clusters, emphasizing the important role of the cytoskeleton of migrat-
ing cells during formation of cadherin-based cell-substrate linkages. Size and dynamics of
N-cadherin chimera clusters were also analyzed as a function of substrate stiffness.
11. INTRODUCTION
1.1 Rationale and Objective
Plasma membranes are fascinating assemblies that separate cell interior structures from
the external environment and contain highly dynamic and complex structures. One hall-
mark of this dynamic, complex property of the plasma membrane is the lateral mobility of
embedded membrane proteins, which is one of the most important regulatory factors for
membrane protein functionality. The major goal of this dissertation is to elucidate potential
mechanisms of membrane protein dynamics by investigating distribution and oligomer-
ization of membrane proteins. This goal will be achieved through analyzing membrane
protein dynamics using the model platform of polymer-tethered lipid bilayers from two as-
pects with four different objectives. The first section of my dissertation, including the first
three objectives, focuses on factors that regulate lipid-protein, protein homo-complexes
and protein hetero-complexes processes in model membranes. The second section of my
dissertation, associated with the last objective of this thesis work, focuses on analyzing
the dynamic assembly of cell-cell adhesion proteins that function as menchanosensors by
using a model platform that mimics the cell-cell interface. Together, this research demon-
strates the significant role of biophysical processes that can be understood through model
membrane systems that incorporate important properties of cell membranes.
The bilayer structure of the cell membrane is comprised of hundreds of different types
of lipid molecules [1, 2] that vary in composition depending on the organelle [3] and on
pathological [1, 4] and physiological states of the cell [5]. Furthermore, the lateral mixing
of these lipid components is highly non-uniform and dynamic [6–8]. Enrichment of lipids
is observed in different leaflets of the membrane [2], while transient domain structures form
and disappear on a microsecond scale in both leaflets [8]. In addition to the incredible het-
erogeneity displayed by lipids, typically 50% of the cell membrane is composed of mem-
2brane proteins that are encoded by one-third of typical eukaryotic genomes [9]. Combined,
the structure of a cell membrane is a highly complex, crowded assembly of fascinating dy-
namic properties. One hypothesis posits that this heterogeneous structure is required for the
proper structure and assembly of membrane proteins, which is critical to cellular activities
such as signal transduction and cell migration [10]. In fact, cellular membrane functions
are mostly achieved through proper structure and dynamics of membrane proteins, which
is essential in both physiological and pathological processes. Currently, about 60% of ex-
isting drug targets are aimed at membrane proteins and their assemblies [11]. Therefore,
improving our understanding of the link between membrane heterogeneity and membrane
protein functionality will be essential to reveal fundamental mechanisms in diseases such as
cancer and neurodegenerative diseases and will assist the development of novel therapeutic
strategies [12].
The most prominent membrane heterogeneity, known as lipid rafts, plays a signifi-
cant role in the functionality of plasma membranes. Lipid raft structures are proposed
to be nanosized structures enriched with saturated lipids including cholesterol, glycosph-
ingolipids, and sphingomyelin, therefore they are more rigid compared to other areas of
the cellular membrane [13–15]. This particular lipid environment appears to recruit cer-
tain membrane proteins with relatively confined diffusivity. Such a protein sorting effect,
through both physical and chemical mechanisms, enables proteins to form functional cen-
ters during several important cell physiology events, including signal transduction [16,17],
cell adhesion, division and migration [18–20]. Such assemblies are also crucial in processes
such as pathogen infection [21, 22].
A hallmark of lipid rafts is that they are remarkably dynamic and transient membrane
structures [10, 23]. In other words, lipid rafts are constantly assembling and disassem-
bling as a result of complex lipid mixing behavior in the plasma membrane [8], as well as
protein-protein, protein-lipid interaction, and cytoskeletal polymerization [10]. Due to this
transient and dynamic nature of such membrane heterogeneities, investigating the impact
of lipid heterogeneity on membrane protein functionality remains extremely challenging.
Previously utilized biochemical methods of raft characterization, such as the cholesterol
3(CHOL) depletion assay, was later shown to cause disruption of other lipid components
including glycolipids [24]. Therefore, plenty of uncertainties about the role of membrane
heterogeneities on membrane protein functionality remain unsolved as a result of the limi-
tations in applicable investigative methods.
According to the raft hypothesis, the raft affinity of membrane proteins can be at-
tributed to several molecular motifs, one of which is glycosylphosphatidylinositol (GPI)
anchors [13]. GPI-anchored proteins (GPI-AP) constitute about 0.5% of all cellular pro-
teins [25], and they function as important membrane receptors. Representative GPI-AP
includes human CD59 [26] and urokinase plasminogen activator receptor (uPAR) [27, 28].
The overall localization of GPI-AP in the plasma membrane indicates that these proteins
are transported and sorted to fulfill their function [25]. These processes are believed to be
raft associated [7,13,29]. In addition, GPI-APs often fulfill their function through dimeriza-
tion or oligomerization. This process, is also proposed to be related to the structure of lipid
rafts [7, 14, 29, 30]. Nevertheless, the mechanisms of sorting GPI-AP and the regulation
of GPI-AP clustering remain obscure. It has been suggested that several factors, including
CHOL content and ligand binding can work as potential regulatory factors during these
processes [25]. For example, Paladino et.al reported that not only apical sorting but also
oligomerization states of GPI-AP interfered during the process of CHOL depletion, sug-
gesting a role for CHOL and lipid rafts in the sorting and oligomerization of GPI-AP [31].
Additionally, Caiolfa et.al reported a ligand dominated mechanism for the regulation of
GPI-anchored uPAR oligomerization states in different regions of the cell [32]. Together,
these findings suggest a critical functional relationship among GPI-AP oligomerization,
CHOL content, and sorting of GPI-AP.
In the case of transmembrane proteins, lipid raft structures, as well as CHOL content
in the membrane, work as important regulatory factors for membrane protein functionality.
For instance, CHOL in the membrane is important because it regulates integrin-mediated
functional complex formation as well as integrin clustering [19, 33]. Furthermore, integrin
clustering at cellular focal adhesions (FAs) are found to be dependent on the structure of
lipid rafts and CHOL content [19,34]. In addition to the self-clustering effects, integrin can
4also associate with other components embedded in plasma membranes such as ganglio-
sides and uPAR to form complexes. Such complexes are of physiological and pathological
importance. For example, integrin-uPAR complex formation is one of the key mechanisms
during cancer cell migration [35, 36]. Another example is integrin-ganglioside complexa-
tion, which is essential for the formation of glycosynaptic domains. These glycosynaptic
structures are critical in carbohydrate-mediated cell migration [37] and are especially im-
portant for neuron function. Intriguingly, previous research has indicated that both of these
integrin-associated complexes are related to the CHOL levels of the cell membrane [38,39].
However, there are still uncertainties about the models and mechanisms of such integrin-
mediated complexes. Furthermore, the role of lipid environments during this protein com-
plex formation largely remained unclear.
To overcome the challenges of characterizing lipid heterogeneities in cell membranes,
model membranes with relatively large lipid phase separations have been widely applied
to investigate the influence of membrane heterogeneity on membrane protein sequestration
and oligomerization [40–45]. These model membranes, such as solid-supported lipid bi-
layers (SLBs) [40, 41], giant unilamellar lipid vesicles (GUVs) [42, 43], and giant plasma
membrane vesicles (GPMVs) [44, 45] have provided extensive information on membrane
phase transition, lipid dynamics under highly mixed environments [44, 46], and membrane
protein diffusion sequestration and oligomerization [41, 45, 47, 48] . These relatively sim-
ple lipid mixtures with coexisting liquid-ordered (lo), liquid-disordered (ld) lipid domains
hold similar phase properties as cellular membranes [8, 44, 45, 49, 50]. Additionally, these
lipid mixtures are prepared with a well-defined composition, and therefore allow system-
atic characterization of the lipid mixing behavior in varying membrane environments. For
instance, Schwille’s group has established the difference in such lipid mixtures in response
to variation of CHOL content [51], whereas the phase diagram and hydrophobic thickness
of different domains in such lipid mixtures were revealed by Keller’s group [46, 52, 53].
This information provides valuable insights into lipid mixing behavior in the model mem-
brane that allows systematic investigation of membrane protein sequestration according to
changes in lipid environment.
5Taking advantage of the intriguing opportunity to use model membranes, the primary
goal of this dissertation is to explore the role of CHOL, a key compound of lipid rafts,
and ligand binding in the assembly and distribution of membrane proteins. In the previous
work of our group, polymer-tethered raft-mimicking lipid mixtures were adapted for the
investigation of integrin sequestration. Using a combination of confocal based fluorescent
quantitative analyses, we not only established the raft-affinity of integrin upon ligand acti-
vation without altering the integrin oligomerization, but also illustrated the significance of
bilayer asymmetry on integrin sequestration [54,55]. In this dissertation, this platform was
adapted and further developed with the goal of gaining a better understanding of the influ-
ence of lipid environment, specifically CHOL content, on membrane protein dimerization,
dynamics, distribution, and protein hetero-complex formation. In particular, this goal will
be achieved through the following set of objectives:
The first objective was to explore the role of CHOL and ligand binding in the dimeriza-
tion and sequestration of GPI-anchored urokinase plasminogen activator receptor (uPAR),
to provide insight into the mechanism of functional sorting and clustering of GPI-AP.
The second objective was to investigate the influence of CHOL and ligand binding in
the distribution of integrin by systematically changing the CHOL level in raft-mimicking
lipid mixtures. We investigated integrin sequestration and oligomerization with and without
natural ligands.
The third objective was to investigate the role of CHOL in the assembly of com-
plexes between integrin and other membrane embedded ligands. Specifically, two integrin-
containing complexes, namely integrin-monosialodihexosylganglioside (GM3) and integrin-
uPAR were investigated. To achieve this objective, a new fluorescent assay was intro-
duced to provide information on the dynamics, oligomerization states, and composition of
membrane protein in the protein hetero-complex. Furthermore, the influence of membrane
CHOL content on complex formation was also investigated.
The second section of this dissertation is focused on the assembly and dynamics of ad-
hesion linkers underneath migrating cells. Cellular adhesions, including focal adhesions
(FAs) [56] and intercellular adhesions [57], are remarkably complex protein assemblies,
6which change their size, shape, and dynamics in response to the cytoskeleton-induced con-
tractile forces of adhering/migrating cells. Importantly, cellular adhesions are also sensitive
mechanosensors, which probe external mechanical cues, such as substrate stiffness [58,59].
For example, by changing the crosslinking density of polymer gels, the stiffness of poly-
mer substrates can be varied systematically, causing a change in cellular properties, such as
spreading area and cytoskeletal organization. This artificial substrate works well to repli-
cate the interaction between cell and extracellular matrix (ECM) [60, 61]. However, such
polymer-based substrates with chemically conjugated linkers fail to mimic the rich dynam-
ics of cadherin-based cellular adhesions, which exhibit long-range movements at cell-cell
interfaces [62, 63].
Previous work from our group introduced polymer-tethered lipid bilayers as novel
cell surface-mimicking substrates for the analysis of cellular mechanosensitivity [64, 65].
Polymer-tethered lipid bilayers have an interesting property: the diffusion of membrane
compositions is closely related to the concentration of lipopolymers, which act as diffu-
sion obstacles [66]. If the size of the interested target is substantially smaller than tether
distance, free planar diffusion in the membrane can be observed. However, if the track-
ing target is around the same size or larger than the distance between lipopolymer tethers,
obstructed diffusion or immobilization will occur [64]. In addition, we have established a
novel polymer-tethered multi-bilayer, in which the number of bilayers in the multi-bilayer
stack determine substrate stiffness, thus influencing properties of cellular mechanosensing
including cell spreading area, migration speed, and cellular traction forces [65].
The final objective of this thesis work, building on the previous work mentioned above,
was to analyze the assembly and dynamics of N-cadherin linkages on polymer-tethered
lipid bilayers underneath migrating cells. Additionally, the influence of bilayer stacking and
cytoskeletal organization on the assembly of cadherin linker clusters and their dynamics is
investigated.
The objectives were fulfilled by building on the expertise in characterization of mem-
brane proteins in planar model membranes that were developed in the first section of this
dissertation, using biophysical detection and analysis techniques at the single molecular
7level. In this case, techniques such as fluorescence correlation spectroscopy (FCS), photon
counting histogram (PCH), and particle tracking were applied to study the objectives de-
scribed in the four listed Objectives. By developing combined dual-color FCS and PCH,
new methodology was introduces as part of this thesis that enables the characterization of
dynamic assemblies of membrane proteins with unprecedented accuracy.
1.2 Organization
This dissertation includes five different chapters. The first chapter describes the ratio-
nale and objectives of this study and introduces the structure of the dissertation. The sec-
ond chapter provides information about methods and instrumentation used in this research.
This chapter also includes the scientific background of the topics related to the dissertation.
The third chapter covers experimental materials and detailed experimental procedures. It
also contains details related to data analysis as well as algorithms and equations applied in
FRAP, PCH, and cluster tracking. The fourth chapter includes results of experiments and
detailed discussion. The fifth chapter includes conclusions and possible trends of the future
work related to the objectives discussed in the dissertation.
82. METHODOLOGY AND BACKGROUND
2.1 Methodology
2.1.1 Fabrication of Polymer-Tethered Lipid Bilayers
Planar-supported lipid bilayers have been widely applied as biomembrane mimicking
systems [67, 68], biosensing platforms [69], and cellular substrates [64, 65, 70] for studies
of membrane structure and biophysical processes. Even though the support substrate of the
bilayer varies from glass, silica, polymer cushion [68,71,72] to a recently developed carbon
graphene substrate [73], the principles of fabricating planar supported lipid bilayers are
largely the same. Commonly applied methods, including Langmuir-Blodgett (LB) dipping
combined with Langmuir-Schaefer (LS) transfer technique (LB-LS), and vesicle fusion,
have been developed for reconstituting a bilayer over a planar substrate. Polymer-tethered
lipid bilayers have been fabricated by conjugating polymer chains with planar-supported
lipid bilayers [68]. This polymer-tethering strategy enables the bilayer to be lifted up from
the solid support, improving mobility of incorporated proteins and altering the mechanical
properties of planar bilayer system [68].
2.1.1.1 Langmuir-Blodgett (LB) / Langmuir-Schaefer (LS) Method
In 1917, Irving Langmuir systematically described monolayer formation of amphiphilic
molecules at the air-water interface and was the first to introduce the modern concept of
molecular conformation [74]. In his pioneering work, the surface pressure-molecular pack-
ing relation was investigated through an instrument, later known as a Langmuir trough.
Typically, when a certain amount of an amphiphilic solution is deposited on the water sur-
face, the solution spreads to cover the whole surface area. With the evaporation of the
spreading solvent, a monolayer of amphiphilic molecules (Langmuir film) is formed. The
9modern design of a Langmuir trough is in combination with a Wilhelmy plate to monitor
the surface tension and a surface arm, enabling variation in total surface area of the trough.
The plate and arm are coupled to a feedback system that allows precise detection and con-
trol of the surface pressure through an actuator system. In this way, the surface pressure
isotherm can be studied (Fig. 2.1); moreover, by controlling and varying the surface pres-
sure during monolayer fabrication, it is possible to build monolayers of the same molecule
with different physical properties.
Fig. 2.1. Typical pressure-area isotherm of DPPC at 22.5◦C exhibiting
liquid-expanded phase (LE), liquid-condensed phase (LC) and a mixed
phase of liquid-expanded and liquid condensed phases.
In 1919, Langmuir indicated that a monolayer at the air-water interface could be trans-
ferred to a solid substrate. Later, Blodgett extensively studied the vertical dipping process
to transfer a monolayer onto a solid substrate [75]; meanwhile Schaefer invented the tech-
nique of horizontal transfer [76]. Specifically, prior to the dipping and transfer processes,
monolayers should be kept at liquid crystalline phase, using a Langmuir trough to main-
tain a well-controlled surface pressure. As a solid substrate, such as a glass slide with
hydrophilic surface, is dipped through the Langmuir film, a monolayer is deposited on the
substrate, while sustaining a constant surface tension of the remaining Langmuir film at
the air-water interface (Fig. 2.2.A). This process, later referred to as Langmuir-Blodgett
(LB) dipping process, could preserve the monolayer orientation and the crystalline pack-
ing. The key aspects of a successful LB dipping process are the meniscus and the dipping
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speed, and well-chosen conditions for surface pressure and substrate are also critical. If the
dipping speed is too high, the crystalline structure is changed or broken. In this case, the
monolayer would not be correctly transferred to the substrate. The other transfer method,
known as Langmuir-Schaefer (LS) transfer techniques, describes the horizontal transfer of
the Langmuir film at the horizontal orientation. This process requires the solid substrate
approaching the Langmuir film with relatively slow speed until contacting the monolayer
(Fig. 2.2.B).
To date, LB dipping and LS transfer have been applied as a combination for the fab-
rication of supported bilayers. The LB/LS method is extensively used in this dissertation
for the fabrication of polymer-tethered lipid bilayers. Specifically, the first leaflet contain-
ing lipopolymer and phospholipids are transferred to the glass substrate using LB dipping
process where hydrophilic headgroups are close to the solid substrate with the hydrophobic
tail pointing away from substrates (Fig. 2.2.A). In this way, lipopolymers, which contain a
hydrophilic polymer group at the head of the phospholipid are physisorbed to the substrate,
creating a cushion underneath the lipid monolayer. The bilayer is completed by transferring
the substrate with the first monolayer through the second monolayer using the LS transfer
methods (Fig. 2.2.B). This leaflet-by-leaflet assembly strategy enables fabrication of a bi-
layer with a different lipid composition in the top and bottom leaflets, which is quite useful
in the fabrication of polymer-tethered lipid bilayers.
Fig. 2.2. Fabrication of polymer-tethered lipid bilayers using LB/LS 
method. Lipopolymers are shown as red lipids with black hydrophilic 
polymers. (A) exhibits the LB dipping process of polymer tethered lipid 
monolayer onto solid substrate, (B) shows LS transfer of the second leaflet 
to form a complete polymer-tethered lipid bilayer.
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2.1.1.2 Planar Lipid Bilayer Assembly by Vesicle Fusion and Multi-Bilayer Stacking
Lipid vesicles are lipid assemblies that encapsulate a relatively small aqueous chamber.
They are usually prepared from diluted lamellar dispersions in combination with different
methods that introduce mechanical (sonication or extrusion), chemical (change of solubility
conditions or incorporation of other chemicals) or electrochemical (change of ionic strength
or pH) energy [77]. As a result of different preparation techniques, lipid vesicles display
variation in size and structure that can be obtained (Fig. 2.3), including mutilamellar lipid
vesicles (MLVs), giant unilamellar vesicles (GUVs), large unilamellar vesicles (LUVs) and
small unilamellar vesicles (SUVs) [78].
Fig. 2.3. Size and structure of the different types of lipid vesicles.
In the past decades, lipid vesicles have been widely used as biomimetic systems for
the study of membrane phase behavior, membrane fusion, cell adhesion and membrane
trafficking [79]. However, the major drawback for the vesicle system is the potential aging
over time, which decreases the stability and causes aggregation of lipid vesicles [80].
Other than using lipid vesicles as a biomimetic model, lipid vesicles have been exten-
sively applied for the preparation of SLBs or polymer-tethered lipid bilayers [40]. This
method is commonly known as vesicle fusion. Specifically, to prepare planar lipid bilay-
ers, suspensions of unilamellar lipid vesicles are added to a clean hydrophilic substrate or
supported lipid monolayer [40]. Then the vesicles cover and adsorb to the surface of the
substrate. Driven by the substrate-induced bilayer deformation, the adsorbed vesicles rup-
ture spontaneously. This rupturing effect, in cooperation with fusion between neighboring
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vesicles, will lead to the formation of a planar lipid bilayer [81]. It has been indicated that
the quality control of planar lipid bilayers fabricated through vesicle fusion is particularly
complicated [81]. Factors such as substrate properties, lipid vesicle properties, and buffer
solution play key roles in vesicle fusion process, thus influencing formation of a planar
lipid bilayer [81]. It is essential to use hydrophilic substrates with relatively smooth sur-
faces and appropriate surface charge under applicable buffer environment during vesicle
fusion, to produce planar lipid bilayers with good homogeneity and mobility [71, 82, 83].
Other factors such as application of divalent cations, especially calcium at mmol/L level
or below, have been shown to be favorable to induce vesicle rupture and therefore help
improve the quality of resulting planar lipid bilayers [84, 85].
Though the vesicle fusion methods have some shortcomings compared to LB-LS, there
are several advantages of using lipid vesicles for the preparation of SLBs in comparison
to the fabrication via dipping techniques. First, vesicle fusion is not restrained by a spe-
cific instrument. Secondly, planar lipid bilayers can be built on substrates with different
geometry including curved and even round supports via vesicle fusion, whereas they can
only be built on flat and relatively smooth surfaces if LB-LS is adopted. Therefore, vesicle
fusion has been applied for the preparation of polymer-supported bilayers and used as a
fabrication method for multiple-bilayer stacking [86].
Multilamellar structures are present in living systems with biological importance [87,
88], and have been widely built as a mimetic model. Building a multiple planar bilayer
stack could be achieved through electrostatic attraction [89] between two bilayers or us-
ing coupling chemistry [90]. In this dissertation, coupling chemistry between maleimide
and sufhydryl groups existing in adjacent bilayers will be adopted as the linking mecha-
nism to form a stable stack of multiple polymer-tethered lipid bilayer (Fig. 2.4). In this
dissertation, the application of multi-bialyer stacking, through the fusion of GUVs, will
be employed to fabricate artificial cell substrates of adjustable stiffness for the analysis of
cellular mechanosensitivity.
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Fig. 2.4. Schematice of layer-by-layer assembly of polymer-tethered
multibilayer stack through maleimide-thiol coupling chemistry using
GUV fusion. Double bilayer (A), triple bilayer (B), and quadruple bilayer
systems (C) were formed through this process [86].
2.1.2 Epifluorescence microscopy (EPI)
Epifluorescence has been applied as the major optical setup for almost every fluores-
cence microscope. Specifically, in an EPI microscope, the excitation and emission light are
both on the same side of the observed specimen. In this way, the fluorescent specimen can
excited by an excitation beam at a specific wavelength and a dichroic mirror assures that
only emission signal generated from the fluorescent specimen will be observed. The key
element of EPI microscopy is a dichroic mirror that separates the emission and excitation
beams. In wide-field fluorescence microscopy, the excitation source, normally a mercury
discharge arc lamp, passes through a beamsplitter, such as a dichroic filter or an acusto-
optical filter, and then reaches the sample specimen. Fluorescent emission of the sample
also passes through a narrow band emission filter so that only specific red-shifted photons
are collected by a charge coupled device (CCD) camera, which transfers excited photons
into voltage and digital output is reported at a working station (Fig. 2.5).
14
Fig. 2.5. Schematic of a simple EPI fluorescent microscope. Key elements
include light source, filter sets, objective, dichroic mirror as well as a CCD
camera as a detector.
2.1.3 Confocal Methodology and Quantitative Analysis of Confocal Data
Confocal microscopy, also referred as laser scanning confocal microscopy, is currently
the most commonly applied optical imaging technique in life science research and indus-
try. Developed 60 years ago, this microscopic technique became the most powerful tool
to take fluorescent images in living systems with high optical resolution and with the abil-
ity to provide three-dimensional (3D) images, by introducing spatial pinhole apertures in
the traditional epifluorescent microscope system. With a combination of different analy-
sis methods or with the application of specific optical apertures, the confocal microscopy
platform is able to provide extensive quantitative information in living systems.
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2.1.3.1 Image Acquisition using Laser Scanning Confocal Microscope
The unique property of confocal microscopy compared to traditional wide-field epiflu-
orescence microscopy is its ability to only process the signals from the focal plane. As a
consequence, confocal microscopic methods are able to provide more structural details. A
laser light source is often adapted to achieve the goal of point scanning, together with pin-
hole apertures in front of the photon detector to exclude the out-of-focus information (Fig.
2.6). In particular, a laser beam, with a well-defined wavelength, passes through the first
pinhole and is adjusted to fill the rear aperture of the objective. The beam will be further
focused by the objective lens at the desired focal plane as a diffraction-limited spot, which
is also known as the scanning point. This point scans in the X and Y direction in the raster
pattern. This procedure, known as point scanning, is applied in most commercially avail-
able confocal systems. However, according to the requirements of a specific experiment,
other scanning models, such as tornado scanning, might also be applied.
Following the laser excitation, the emitted light from the fluorescent specimen goes
through the beam splitter and reaches the detector pinhole and is then analyzed by the
photonmultiplier (PMT) detector that renders a digital image. By application of multiple
laser sources and PMT detectors, the modern confocal microscope allows simultaneous
imaging from multiple channels. Moreover, the adoption of a scanning stage enables image
stacking at different confocal planes to produce a 3D image using laser scanning confocal
microscope.
Image quality obtained from a confocal microscope is usually considered by analyz-
ing aspects of spatial resolution, dynamic range of light intensity, signal-to-noise ratio,
and temporal resolution. All four factors can be adjusted through application of differ-
ent hardware, as well as software, adjustment of certain aperture functions to optimize
conditions according to each experimental requirement. Here, the spatial resolution that
describes the smallest resolvable distance between two points in acquired images is deter-
mined by the point spread function (PSF) [91]. This function, usually characterized as a
Gaussian function, describes the 3D diffraction pattern of light emitted from a point source
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Fig. 2.6. Schematic of a laser scanning confocal microscope. The adoption
of a laser light source, as well as the pinhole aperture, excludes out-of-
focus signal and allows 3D image acquisition.
and transmitted to the image plane. For a confocal microscope, the PSF is influenced by the
numerical aperture (NA) of the applied objective lens, excitation and emission wavelength,
and the size of the pinhole aperture. Moreover, software controlled parameters including
zoom factor, gain and offset of the intensity dynamic rate, and the laser scan rate will also
influence the resulting resolution of the obtained image. However, enhancement of image
resolution might sacrifice other aspects, such as response time during image acquisition. In
that sense, different combinations of microscope adjustments should be used according to
image requirements.
2.1.3.2 Fluorescence Correlation Spectroscopy (FCS)
First introduced in the 1970s as a tool for the study of chemical dynamics during a
chemical reaction [92], fluorescence correlation spectroscopy (FCS) has not been exten-
sively used until the last two decades, when confocal optical principles were adopted in
the FCS detection. The application of the confocal principle to FCS solved the issue of
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poor signal-to-noise when FCS was first introduced, and transformed the method to one of
the most sensitive techniques in terms of spatial and temporal resolution available today.
Nowadays, FCS is one of the most commonly applied methods for the study of biological
molecule dynamics under different conditions with single molecule sensitivity [93–95].
Rather than only recording the absolute fluorescence intensity, the measurement of FCS
is based on spontaneous fluorescence intensity fluctuations. These fluctuations are mostly
driven by deviations of the system from thermal equilibrium. Therefore, FCS is able to
provide information on almost all physical parameters that influence the fluorescence fluc-
tuation signal, such as sample concentration, target fluorescent bio-molecular brightness,
diffusion properties of the target molecules, intermolecular and intramolecular interactions,
and reactions of the fluorescently labeled biomolecules.
The typical optical setup of a FCS system is similar to that of a regular confocal micro-
scope. The detectors applied in FCS systems are usually an avalanche photodiode (APD)
detector or a PMT detector with single photon sensitivity [96]. On the other hand, the objec-
tives used for FCS are usually water immersion objectives with high NA so the diffraction
of light is relatively limited. In addition, to reach higher signal-to-noise, proper usage of
filter systems and laser sources is essential.
Once the fluorescent signal is received, fluctuations in the fluorescent signal are ana-
lyzed by temporally autocorrelating the recorded intensity signal. It has been noted that
the temporal average of particle number should be adjusted between 0.1 to 1000 at one
time, particle number is related to sample concentration, which can range from below
nano-molecular up to micromolecular level. Fluctuation of the fluorescence emitted by
molecules is mathematically determined as:
δF(t) = F(t) – 〈F(t)〉 (2.1)
where,
〈F(t)〉 = 1
T
∫ T
0
F(t)dt (2.2)
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In the case where a constant intensity of excitation is applied, the autocorrelation function
G(τ) is given as [94]:
G(τ) = F(t) · 〈F(t)〉 = lim
T→∞
1
2T
∫ T
–T
〈F(t) · F(t + τ)〉dt (2.3)
where τ presents an infinitely short-time interval, and t is any arbitrary time. Since the
excitation is constant, one can assume the average fluorescent intensity at the confocal
volume is constant. Then, equation (2.2) could be transferred as [94]:
〈F〉 = 〈F(t)〉 = 1
T
∫ T
0
F(t)dt (2.4)
Therefore, the autocorrelation function G(τ) could be further transformed as [94]:
G(τ) = 〈F〉2 + 〈δF(t)δF(t + τ)〉 (2.5)
This function contains a constant part of the average fluorescent intensity, 〈F〉2, and a time-
dependent part, which provides information about the kinetics of the system. It can be
normalized as [94]:
G′(τ) = 1 + 〈δF(t)δF(t + τ)〉〈F〉2 (2.6)
Herein, the temporal information of the fluorescent intensity can be analyzed together
with the total amount of fluorophores. To obtain diffusion information of the target molecules,
the PSF of the microscope needs to be considered for the confocal volume of the FCS
system. The number of fluorophores within the confocal volume follows the Possion-
distributed statistics, and the relation between the number of molecules (N) and fluorescent
is [94]:
limτ→ 0〈δF(t)δF(t + τ)〉
F2
=
1
N
(2.7)
Suppose the radius of the volume element in XY direction is ω1 whereas half of the length
of the volume element in Z direction is ω2. Under the condition that fluorescence decay
time << diffusion time (τD), then the diffusion coefficient of the target molecule is [94]:
D =
ω21
4τD
(2.8)
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Taking equations (2.6), (2.7), (2.8) together, the normalized autocorrelation curve can be
transformed as [94]:
G′(τ) = 1 + 1
N
· 1
1 + 4Dτ
ω21
·
{ 1
1 + 4Dτ
ω22
}
(2.9)
Therefore, by fitting autocorrelation curves obtained from FCS experiments, informa-
tion including numbers of fluorescent molecules, and the diffusion coefficient of fluorescent
molecules can be extracted.
Nowadays, FCS methods are no longer limited to single photon excitation and sin-
gle color analysis. Advanced protocols including two photon excitation, dual color FCS,
and fluorescence cross-correlation spectroscopy have been widely applied for different pur-
poses [94].
2.1.3.3 Photon Counting Histogram Analysis (PCH)
As mentioned in the previous section, the FCS analysis provides temporal behavior of
fluctuations through autocorrelation analysis. However, the amplitude of fluorescence fluc-
tuations is largely dependent on the probability distribution of detecting a certain number
of photons for a given sampling time. The analysis of this probability distribution can be
experimentally analyzed by using the histogram of the detected photons; this is known as
photon counting histogram (PCH) analysis [97]. Unlike FCS, which distinguishes species
mostly according to different diffusion coeffeicients, PCH analysis distinguishes different
species according to the brightness and therefore provides direct information about aggre-
gation state of fluorophores, a parameter which is only indirectly accessible using FCS
autocorrelation analysis.
In the case where single photon excitation is applied, the confocal excitation volume
(v0) can be described by 3D Gaussian approximation. Suppose the v0 is large enough to
allow diffusion of a single fluorescent particle for a long enough observation time. The
20
particle might appear in any position of within v0. In this case the probability of detecting
k photons that have been emitted by the particle can be described as [97]:
p(1) =
1
v0
∫
Poisson[k, ε ·W(−→r )]d(−→r ) (2.10)
where W(−→r )is the observed volume information profile, which can be commonly replaced
by the PSF of the optical system, and ε which characterizes the photophysical properties of
a certain fluorescent species under specific experimental setup.
Therefore, the probability of observing N particles is described by the Nth convolution
of the Poisson function [97].
p(N) = p(1) ⊗ p(2) ⊗ p(3) ⊗ · · · ⊗ p(N)(k; v0, ε) (2.11)
For an average concentration, the number of actual particles inside the volume fluctuates.
This fluctuation can also be established as a poission distribution of the average number of
particles Navg.
PCH(k; Navg, ε) =
∞∑
0
p(N)(k; v0, ε) · Poisson(N, Navg,
v0
v
) (2.12)
Under experimental conditions, the volume information is usually approximated by
measuring the Gaussian function of the microscopic system, and photophysical properties
can be characterized by comparison with a fluorescent standard having known photophysi-
cal properties. Therefore, the number of particles with specific brightness will be obtained
by deconvoluting the Poisson function. The oligomerization states of individual molecules
will be determined by exploiting the concept that dimers are twice as bright as monomers.
Therefore, by adding a second layer of deconvolution (Eq. 2.13), the number of dimers and
ratio of dimerization will be solved.
PCH(k; N1, ε1, N2, ε2) = PCH(k; N1, ε1)⊗ PCH(k; N2, ε2) (2.13)
where,
ε2 = 2ε1 (2.14)
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2.1.3.4 Fluorescence Recovery after Photo Bleaching (FRAP)
As one of the most well-established techniques, fluorescence recovery after photo-
bleaching (FRAP) has been widely applied for the quantitative analysis of molecular species
in living systems to provide information about mobility and interaction [15]. As illustrated
in Fig. 2.7, FRAP experiments are fulfilled by quickly illuminating a relatively small area
(region of interest, ROI) on a sample with homogeneously distributed fluorescent probes,
to photobleach the dye molecules in the ROI. If the sample contains a mobile fraction,
the fluorescent intensity of the ROI will generally be recovered. The rate of fluorescence
recovery can be used to determine the diffusion coefficient, while the ratio of immobile
fraction can be determined by comparing the original and final fluorescent intensity in the
FRAP process (Fig. 2.7).
Fig. 2.7. Principle of FRAP experiment (A,B,C) and resulting FRAP curve
(D). A small area of a sample with homogeneously distributed fluores-
cent probes (A) were photobleached within a small time period using a
laser beam, causing the photobleaching of fluorescent probes in the laser
excited area (nonfluorescent) (B). After photobleaching, fluorescence re-
covery occures if the fluorescently labeled molecules are mobile (C). The
fluorescence intensity within the spot is recorded through the whole pro-
cess and graphed (D).
Unlike FCS and PCH analysis, which is only able to provide information on the mobile
fraction of the sample, FRAP analysis provides information about both the immobile and
mobile fractions. Therefore, FRAP experiments has have been widely adopted in various
studies for measuring the lateral diffusion of components on plasma membranes as well
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as model membranes [15]. Furthermore,FRAP has been established as a useful tool for
the analysis of interactions and binding kinetics of molecules in live cells [98]. In this
thesis, FRAP data are analyzed using the elegant math model developed by the Kenworthy
group, published previously [98]. Specifically, assuming that the bleach spot size is small
compared to the sample size, the intensity profiles of the bleaching lasers in the infinite
sample plane are described as a Gaussian:
I(rn)(x, y) =
2I0
pir2
exp(–
2(x2 + y2)
r2n
) (2.15)
If the concentration of fluorescent probes C(x, y, t) meets the diffusion equation
Ct = DΔC (2.16)
where D is the diffusion coefficient and Δ = ∂
2
∂x2
+ ∂
2
∂y2
, therefore C(x, y, t) can be reformat-
ted as:
C(x, y, t) =
∫∫
C(x – x′, y – y′, 0)φDt(x′, y′)dx′dy′ (2.17)
with
φDt(x, y) =
1
4piDt
exp(–
x2 + y2
4Dt
) (2.18)
The fluorescent intensity from the bleached area can be calculated using the equation
F(t) = q
∫∫
εI(rn)(x, y)C(x, y, t)dxdy (2.19)
where q is the quantum yield of fluorophores.
The confocal postbleach profile can also be described as a simple Gaussian function
C(x, y, 0) = Ci(1 – Kexp(–
2(x2 + y2)
re2
)) (2.20)
where Ci is the prebleach fluorophore concentration and re is the effective radius of the
postbleach profile.
To find the diffusion coefficient, the following equation can be applied:
F(t) = Fi
{
1 –
K
1 + r2 + 2tτD
}
Mf + (1 – Mf)F0 (2.21)
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where, τD =
r2e
4D and γ is the ratio of the nominal and effective radius. Mf is the mobile
fraction which defined as:
Mf =
F∞ – F0
Fi – F0
(2.22)
and K could be resolved from pre-bleaching fluorescent intensity, Fi, and intensity at t = 0,
(F0).
K =
Fi – F0
2
Mf + F0 (2.23)
Combining equations 2.20, 2.21, 2.22, and 2.23, the diffusion coefficient can be written as:
Dconfocal =
r2e + r
2
n
τ 1
2
(2.24)
If the bleaching is instantaneous, re = rn, then
D = 0.25
r2n
τ1
2
(2.25)
Therefore, the diffusion coefficient can be found by measuring bleaching area and the dif-
fusion time τ 1
2
.
Though FRAP has been shown to be a powerful tool, there are several limitations of
this technique for the investigation of protein dynamics. For example, to obtain reasonable
results, fluorescent tagged molecules should be homogeneously distributed. Furthermore,
FRAP analysis is only applicable for the target molecules with diffusion coefficients rang-
ing from 0.1 to 100μm2/s [15].
2.1.3.5 Single Particle Tracking and Cluster Tracking
The single particle tracking (SPT) method has long been used for the analysis of molec-
ular dynamics on cell surfaces, as well as in model membranes [29]. Though the ideal tem-
poral and spatio resolution of SPT is similar to that of FRAP, SPT provides the specificity
in motion measurements of single or very few molecules [99], whereas, FRAP is based on
average information from a substantial number of diffusing fluorescent molecules. Due to
the fact that SPT provides specific motion information, SPT may provide further informa-
tion that explains the findings from FRAP. Furthermore, the spatial resolution of SPT is
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much higher than FRAP analysis, therefore with sufficient time resolution, motion modes
of target molecules can be resolved [99].
SPT is usually fulfilled by the following procedures. First, the general input of SPT
experiments are a series of time-lapse images of particles obtained by a microscopic tech-
nique. Following the data acquisition process, quantitative assessment of the dynamic
properties of the imaged particles are analyzed by applying various mathematic modes
that usually combines two steps. First, time-lapse of particles will be localized to distinct
points, using Gaussian functions that are related to the PSF of the microscope. Secondly,
following the localization process, tracking analysis will then be done by linking the posi-
tions of detected particles to generate trajectories. These trajectories can be further applied
to group and analyze different types of movement of the particles analyzed [99, 100].
There are various methods that determine tracking trajectories. The most accurate 
method is known as multiple-hypothesis tracking (MHT), through which the tracking tra-
jectories are found by considering all particle paths within the bounds of expected particle 
behavior through the entire time-lapse series and the non-conflicting ensemble of paths 
(given each particle has a unique tracking path) is selected as the final solution. However, 
this approach has a large computational cost when multiple particles are tracked, due to 
the nature of this algorithm that it requires the calculation of tremendous possibilities for 
each particle during tracking, making MHT almost impossible to use with current tech-
niques. There are several SPT algorithms based on simplified MHT tracking methods. 
These algorithms are usually limited in precision, in order to reach a reasonable amount of 
computational cost [100].
A particle tracking method based on the mathematical framework of the linear assign-
ment problem (LAP) was first introduced by Jaqaman et al. in 2008 [101]. Unlike MHT,
LAP-based particle tracking is fulfilled by first linking particles between frames followed
by close gaps of undetected tracks to capture merging and splitting events between the ini-
tial track segment at the lowest mathematical cost. This segment assignment is optimized
from both temporal and spatial aspects and provides precise analysis that is close to MHT
methods at low computational cost. Moreover, this LAP based tracking method is also
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highly versatile and applicable to tracking tasks in live cell images, where tracking objects
can change their size during the tracking process. This idea is fulfilled by using a comet
detection algorithm [102]. In this algorithm, differences of two Gaussian transformations
were calculated with standard deviation adjusted to enhance the signal associated with po-
tential clusters. This process creates size thresholds for the detected clusters. The detected
signals will further be adjusted using a unimodel threshold to exclude the background infor-
mation. The individual object is generated by connecting labeled component that satisfies
the set threshold of Gaussian function.
The tracking trajectory is acquired through three steps in the LAP algorithm. Following
the initial step of particle detection, every step afterward including particle linking and
tracking segment linking will be considered as a potential assignment. The cost of these
assignments will be considered through a cost, C . The LAP will be solved by finding the
combination of assignments with the minimal sum of cost:
Aˆargmin =
numberofrows∑
i=1
numberofcolumns∑
i=1
AijCij (2.26)
Where A is any assignment matrix with 1 (link) and 0 (no link) and, Aˆ is the matrix that
minimizes the sum of costs. The conditions on A and Aˆ will be furthered controlled by a
secondary condition that
numberofcolumns∑
i=1
Aij = 1,
numberofrows∑
i=1
Aij = 1 (2.27)
to ensure the the assignment is exclusive, therefore no particle or tracks will be included in
more than one tracking trajectory.
Gap closing will be considered when certain tracking objectives might potentially go
out of focus or where the end of a track segment might be able to link to the start of another
track segment. Cost will be determined during the merge of the segments. The gap as
well as the cutoffs during each procedure will need to be adjusted in consideration to the
experimental requirements, which will be described in section 3.2.11.
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2.2 Background
2.2.1 Lipid Rafts
Cell membranes are crowded two-dimensional amphipathic solutions containing mem-
brane proteins in a lipid solvent [10]. Importantly, the structure of the cell membrane is
asymmetric, thereby displaying a heterogeneous distribution of both lipids and membrane
proteins. This heterogeneous nature of the plasma membrane is essential for both cellular
function and structure [10]. It is believed that heterogeneously distributed lipids and pro-
teins in the plasma membrane assemble into transiently-stabilized structures known as lipid
rafts [13]. The concept of lipid rafts overcomes the classical view of the plasma membrane,
in which membrane proteins float in the homogeneously organized lipid bilayer [103].
Lipid rafts are now widely accepted as an important regulatory platform in multiple biolog-
ical processes including cancer development [104,105], virus infection [12,106] and T-cell
antigen receptor activation [16, 30]. However, the argument of whether lipid rafts exist or
not has been under debate during the last 20 years [24,107]. This is majorly due to the fact
that the early concepts of lipid rafts are based on surfactant extraction experiments. Such
surfactant extraction experiments were later found to introduce defects by aggregating spe-
cific lipid components before the extraction process [107], leading to a misunderstanding of
the membrane structure. Nevertheless, the concept of lipid rafts emphasizes the importance
of lipid environment for membrane protein distribution, dynamics, and function. This con-
cept also promotes the idea that lipids and proteins are not passively organized, but actively
interact with each other to regulate the functionality of cell membranes.
2.2.1.1 Lipid Mixing and Phase Separation in Lipid Membranes
Lipid bilayers in biological membranes are not just solvents that provide simple am-
phiphilic environments which allow membrane proteins to float around in the membrane.
Instead, cellular lipidomics comprises over 1000 different lipids with different head groups
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and carbon-hydrated chains [1]. This extensive diversity of lipid molecules in biological
membrane results in a complex lipid environment.
Phospholipid molecules with different saturated and unsaturated acyl chains have intrin-
sic differences in thermodynamic properties such as transition temperature (Tm). There-
fore, when mixing lipids into one lipid bilayer, it is possible that such mixtures exhibit
different phase behaviors according to the variation of lipid composition and temperature.
For example, in 1975, Wu et.al [108] reported that the DOPC-DPPE mixture exhibits two
different liquid phases which coexists with a solid phase, whereas DEPC-DPPE lipid mix-
tures show an additional immiscible liquid phase. Those findings provided initial insight
into the role of length and saturation states of acyl chains on lipid mixing behavior and the
significance of mixing thermodynamics therein.
Other than phospholipids, sterols, especially CHOL, play key roles in the structure and
organization of lipid bilayers in the cell membrane. Mainly embedded in the hydrophobic
region, CHOL influences bilayer thickness, lipid packing of the lipid bilayer and potentially
promotes phase separation between lipids with low Tm and lipids with high Tm at an inter-
mediate temperature [109–111]. This specific function of CHOL enables phase separation
at a temperature that phospholipids are not able to perform intrinsic phase separation. As
a consequence, CHOL may induce two coexisiting liquid phases in lipid mixtures: liquid
ordered (lo) phase, enriched with CHOL and lipids with high Tm, and liquid disordered
(ld) phase enriched with lipids characterized by a lower Tm [109]. These two liquid phases
show different physical properties. In particular, lo phases are more densely packed than ld
phases. Therefore, distinct lipid diffusion in lo and ld phases are observed [51]. Further-
more, as confirmed by atomic force microscopy(AFM) [53,112] the hydrophobic thickness
of the lo phase is usually larger than that of the ld phase whem mixing two lipids of com-
parable chain length.
The phase behavior of ternary lipid mixtures of high Tm lipid/ low Tm lipid/ CHOL
has been described by ternary phase diagrams, which were obtained using methods includ-
ing detergent extraction, FRET [46], FCS [51], AFM [53, 112], NMR [46] and electron
paramagnetic resonance (EPR) [113]. The phase diagram of several ternary lipid mixtures
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such as DOPC/ sphingomyelin/ CHOL [114] and DOPC/ DPPC/ CHOL [46,52] have been
reported. For example, Veatch et al. mapped the phase morphology of DOPC/ DPPC/
CHOL(Fig. 2.8) and described the relationship between temperature, lipid composition,
phase mixing behavior, and estimated logical tie-lines of the phase diagram. Their re-
sults provide relevant information about the line tension of mixtures as a function of lipid
composition. Furthermore, the resulting shape of tie-lines indicates that CHOL is more
equally distributed than DPPC in different phases. Other interesting results established by
Fig. 2.8. A typical DOPC/DPPC/CHOL phase diagram revealed by a
GUV based assay [46].
Scherfeld et al. [51] illustrate lipid dynamic information in DOPC/ DPPC/ CHOL mixtures
by FCS analysis, indicating important lipid packing information within these lipid mix-
tures. All these significant features of ternary raft-mimicking lipid mixtures make them
promising model membrane platforms for the analysis of lipid mediated membrane protein
sequestration processes.
Lipid mixing behavior is more complicated in real cellular membranes with more com-
plex lipid compositions [1]. According to a recent computational simulation experiment,
in which 63 different lipid species combining 14 types of head groups and 11 types of
tails were asymmetrically assembled across two leaflets, a heterogeneous distribution of
CHOL can be observed in such system that highly mimics real cell membranes. Interest-
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ingly, transient lo phase domains were found in such system, which have a lifetime on the
microsecond scale [8]. Furthermore, GPMV-based assays indicated that without embed-
ded membrane proteins, lipid bilayers in plasma membrane exhibit similar lipid mixing
behavior as ternary raft-mimicking lipid mixtures, which display macroscopic lo-ld phase
coexistence [44, 45, 49]. These findings, illustrate that complex lipid mixtures and simple
lipid mixtures share common physical-chemical properties regarding the mixing behavior.
2.2.1.2 Lipid Raft Hypothesis
The concept of lipid rafts was first proposed in the late 1990s [13]. According to the
lipid raft hypothesis, lipid rafts were considered to be lo-phase-like domains floating in a
sea of lipids forming a liquid disorder phase. Raft domains were considered to be enriched
in CHOL, sphingolipids, and specific membrane proteins such as GPI-anchored proteins. It
is believed that the formation of lipid rafts is partially driven by the lipid mixing behavior in
the plasma membrane [7,115]. Importantly, the heterogeneous membrane structure of lipid
rafts has the ability to work as a sorting platform of membrane protein, thereby regulating
membrane protein functionality [7]. In other words, the lipid raft model emphasizes the
role of lipid environment in regulating membrane protein distribution and corresponding
membrane protein functionality.
During the last two decades, thanks to the development of optical imaging techniques,
such as super-resolution microscopic methods [116], the concept of lipid rafts evolved
[7, 10, 115]. Lipid rafts are currently considered as nanosized transient membrane struc-
tures enriched with sterol, sphingolipids, and certain membrane proteins that assemble and
disassemble as reaction centers during biological processes [7, 10, 29, 115]. Several fac-
tors have been considered, which regulate the size of lipid rafts. For instance, the growth of
these raft domains could be suppressed by the actin-based cytoskeleton organization, which
responds to extracellular mechanical and chemical signals [29, 50]. On the other hand,
lipid-lipid, protein-protein and protein-lipid interactions may further induce clustering of
raft-associated molecules and form larger platforms with little energy costs [23, 117, 118].
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The modern concept of lipid rafts is widely accepted to be one of the major principles of
plasma membrane organization of functional importance [7]. The raft structure is closely
related to the formation of protein oligomers and larger complexes between membrane-
associated proteins and lipids [23]. For instance, it has been observed that raft-based
lipid interactions would facilitate oligomerization of GPI-anchored protein. These homo-
oligomers further assist the stabilization of raft structures thereby forming ”receptor cluster
rafts” [29, 119, 120]. Such a receptor oligomerization mechanism has been considered to
be important during signal transduction as it mediates cluster-induced actin polymerization
that has been suggested to play a key role in processes including cell apoptosis and cancer
development [29]. Another interesting example can be seen in the association of transmem-
brane integrins to rafts. In particular, it has been observed through CHOL depletion assays,
that upon activation, integrins are recruited to lipid raft-like domains [121]. This raft as-
sociation effect is considered to be important in the process of integrin crosstalk which is
deemed to be essential in the function of T-cell antigen recognition and cell spreading [122].
In general, the Lipid raft hypothesis provides a possible explanation to how the mem-
brane is organized as a gatekeeper to fulfill the function of biological membranes at the low-
est energy cost [7]. At the core of this hypothesis is the assembly of dynamic, nanoscale
heterogeneities enriched in sphingolipid and CHOL in the cell membrane. Importantly,
this hypothesis suggests the relationship between lipid environment and membrane protein
assembly. Overall, considering the proposed close correlation between lipid rafts and cel-
lular function, it will be essential to elucidate the role of lipid rafts in membrane protein
functional sequestration and oligomerization.
2.2.1.3 Raft-mimicking Model Systems
Due to the transient nature and small size (nm scale) of lipid rafts, the investigationof
rafts using cell-based assays is extremely challenging. The most commonly applied assays,
including CHOL depletion and application of crosslinking agents, have inherent drawbacks
of introducing other effects that potentially interrupt membrane protein distribution and
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oligomerization [7, 24]. As discussed in section 2.2.1.1, cell membranes with complex
lipid composition and model lipid mixtures exhibit similar physicochemical properties in
phase separation [8]. In other words, rather than dampening the collective behavior of
the complex lipid mixtures in plasma membrane, only demixing of two phases has been
reported in the thermodynamical equilibrium in cell membranes with extremely complex
lipid components [44, 45, 49, 50]. This finding provides a rationale for using simplified
lipid ternary mixtures with defined composition and relatively large lipid phase separations
(μm scale) as a model membrane to investigate the influence of membrane environment
on membrane protein functional sequestration and oligomerization without the potential
influence of the cytoskeleton [49].
Model membranes with raft-mimicking lipid mixtures have been widely used as models
for lipid rafts [40, 115] and have provided extensive information on lipid mixing behavior
and interaction between CHOL and phospholipids as described in section 2.2.1.2. Addi-
tionally, the underlying mechanisms of protein association to lipid rafts have also been
investigated through model membrane platforms including GUVs, solid supported lipid bi-
layers and polymer-tethered lipid bilayers [40, 123]. For example, Winter and coworkers
have investigated the distribution of N-Ras and K-Ras in GUV and solid supported bilayer
models and demonstrated that palmitoylation of N-Ras causes ld phases association [124].
Moreover, transmembrane proteins such as SNAREs have also been investigated using
GUV based assays [125]. Compared to the GUV and solid supported bilayer model mem-
brane, polymer-tethered lipid bilayers hold advantages for the investigation of membrane
protein sequestration in the presence of lipid rafts as it allows the analysis of both trans-
membrane and lipid-anchored proteins in their functional orientations [54]. Additionally,
using layer-by-layer assembly, bilayers with different phase behavior in opposing leaflets
can be built. Therefore, influences of bilayer asymmetry on membrane protein sequestra-
tion has been investigated [55, 126]. For example, in previous experiments of our group,
integrins were functionally reconstituted into polymer-tethered lipid mixtures, and inte-
grin sequestration and oligomerization in the absence and presence of native ligands was
investigated in both symmetric and asymmetric raft mimicking mixtures [54, 55].
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2.2.2 Interaction Between Lipids and Membrane Proteins
As the primary barrier between living systems and the outer lifeless world, plasma
membranes achieve their function primarily through the proper fulfillment of membrane
protein and lipid interactions. Destabilization, misfolding, and perturbations in membrane
protein structure are major causes of reduced or loss of membrane protein function [127].
Furthermore, abnormal membrane protein function is possibly reflected by unusual lipid-
membrane protein complex formation since lipids are usually required as regulatory factors
to promote function and sustain the structure of membrane proteins [128].
According to the various modes of intramembrane protein-lipid interactions in cellu-
lar membranes, membrane lipids can be distinguished as regulators of membrane protein
functionality from both physical and chemical perspectives. Specifically, lipids that display
a low level of interaction with the transmembrane region of membrane proteins are con-
sidered as bulk lipids, whereas annular lipids form shells surrounding particular membrane
proteins and show a lower level of exchange rates with lipids in proximity. Lipids serve as
solvents to a membrane protein and influence membrane protein functionality by regulat-
ing the lipid environment surrounding membrane proteins. In addition, there are specific
lipid molecules that are able to interact with specific amino acid sequences of membrane
proteins thereby serving as ligands to membrane proteins. These lipid molecules exhibit
strongest interactions with membrane proteins and influence the structure through direct
biochemical interactions [128]. Taken together, membrane lipids, indlucing sterols, may
influence membrane protein functionality through a variety of lipid-protein interactions.
2.2.2.1 Lipids as Ligands for Membrane Proteins
The understanding of protein-lipid complex formation has been significantly improved
thanks to the increasing availability of high-resolution protein structures solved by X-ray
crystallography. Through this method, lipids tightly bound to transmembrane domains
have been observed in some of the structures. Those bonds are mostly stabilized by at least
two polar interactions between the phosphodiester group and a set of molecules containing
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a positive charge and a polar amino acid. Those observed binding domains are usually
nonlinear and consist of amino acids in several subunits. [128, 129] . Other than those
specific binding sites, certain amino acid residues at the interface of the membrane protein,
including most of the aromatic amino acids, play a role in stabilizing and interacting with
lipid molecules [130].
The interactions between membrane proteins and nonannular lipids are functionally
important. Until now, lipids such as phosphatidylglycerol (PG), phosphatidyliositol (PI),
anionic phospholipids, CHOL, and cardiolipin (CL), have been proven to be important as
chaperones in processes such as protein folding [131], complex stability [132, 133], ion
transduction [134] and regulation of other ligand binding [135]. Moreover, lipid molecules
residing within membrane protein oligomers play a role as molecular glue and promote the
formation of functional oligomers. For example, CHOL can promote the oligomerization
of caveolin-1 subunits in microsomes by binding to caveolin-1 at 1:1 ratio [136]. Similar
effects have been indicated as one of the possible mechanisms of the formation of glycosy-
naptic microdomains that are significant for cellular adhesion. In this case, gangliosides
could interact with integrin and possibly other membrane proteins, thereby promoting the
function of integrins during cell migration [137]. On the other hand, this strong interaction
between lipids and membrane proteins influences membrane lipid composition, not only
due to the low exchange rate between the bound lipids and the adjacent lipid molecules,
but also due to the functional activation of some specific proteins [128]. For example,
the binding and interaction between CHOL and Peripheral-type benzodiazepine receptor
induces CHOL transportation and compartmentalization and substantially affects cellular
membrane organization [138].
2.2.2.2 Biophysical Lipid-Protein Interactions
While specific lipid-protein complex formation plays a significant role in protein func-
tion, most lipid molecules do not bind to membrane proteins through biochemical in-
teractions, but are rather considered as solvents for membrane proteins. These general
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bilayer-protein interactions are also essential in modulating membrane protein conforma-
tional transition, diffusion, and distribution in response to energetic and kinetic regulatory
factors [139, 140].
It is widely accepted that when a soluble protein is distributed in the water-based solu-
tion, single molecules are covered by a shell of water molecules also known as hydration
layer. Those water molecules are purturbed by interaction with the protein molecule and
show distinct dynamic properties in comparison to bulk water. A similar concept applies to
the distribution of membrane proteins by lipid molecules, where lipid shells were observed
through several different methods including EPR [141], electron microscopy [142], X-ray
diffraction [142], and fluorescence assays [143]. Those lipids, in comparison to lipids that
chemically interact with membrane proteins, exhibit a substantially faster exchange rate
with outer bulk lipids. Although annular lipids are less sticky to the membrane protein, the
exchange rate between annular lipids and bulk lipids is still two times slower in comparison
the exchange rate of lipids in bulk bilayers [143].
The interaction between annular lipid molecules and membrane proteins are non-specific
and mediated through weak interactions such as van der Waals, hydrogen bonding, and
electrostatic interactions. These subtle interactions might substantially change the mem-
brane protein activity through cooperative effects. For example, it has been shown that the
activity of Ca2+-ATPase is influenced by both the headgroup and the chain length of the
surrounding lipid environment. Changes in lipid composition are not sufficient to cause
a significant change in Ca2+-ATPase conformation, but will effect the additive binding of
many sites and substantially modify the activity of the protein [144]. Furthermore, alter-
ation of the length of fatty acyl chain length changes the thickness of the hydrophobic core
of the lipid bilayer. Through the mechanism of hydrophobic matching, membrane pro-
teins might compensate for a change in acyl change length by distorting their structure,
influencing protein activities [140].
It is relatively well understood that the local lipid environment, determined by the com-
position of annular and non-annular lipids, influences membrane protein functionality by
introducing changes in membrane protein structure, and folding, thus regulating membrane
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protein binding sites directly. The influence of bulk lipids on membrane protein function is
more complicated and relatively poorly understood. Since plasma membranes are highly
dynamic assemblies, important physical properties including bilayer thickness, bilayer flu-
idity, lipid packing stress, bilayer stiffness, intrinsic lipid curvature have significant impacts
for diffusivity and distribution of membrane proteins. Those factors are largely subject to
the composition of bulk lipids, and regulate membrane protein dynamic and distribution
through thermodynamic mechanisms. Membrane proteins with similar preference tend to
move into or assist in forming distinct microenvironments such as lipid rafts in the plasma
membrane, and therefore induce further function of membrane proteins [3, 4, 10, 23, 139].
Of all the lipid components found in the plasma membrane, CHOL is one of the most
important co-solvents of membrane proteins. Its modulation of the dynamics of bulk mem-
branes has been well documented [139, 141, 145]. It has been described in the previous
section that CHOL addition promotes lipid phase separation. Particularly, CHOL influ-
ences membrane structure in two ways. First, due to structural properties of CHOL, the
interaction between CHOL and more rigid saturated acyl chains is more entropically favor-
able compared to its interaction with lipids with unsaturated acyl chains. Therefore, CHOL
has a relatively high propensity to condense with itself and saturated lipids, resulting in
a relatively more rigidly-packed bilayer region. On the other hand, protein functions are
sensitive to the CHOL contents of the membrane. For example, higher content of CHOL re-
duces the free volume available for molecular motion in the hydrophobic core of the bilayer,
which influences the volume-dependent transition between signal-inactive metarhodopsin-
I and signal-active metarhodopsin-II [145]. Moreover, it has been suggested that CHOL
may modulate the dynamics of the bulk membrane with implications on the folding and
stability of membrane proteins, as well as the energetics of protein oligomerization [145].
However, due to the limitations of existing assays that allow systematic variation of CHOL,
little experimental evidence is avaiable to date on these issues. Another important feature of
CHOL is its ability to alternate the thickness of the lipid bilayer by an increase in the length
of the phosphatidylcholine (PC). For example, in a C16:0/C18:1 phosphatidylcholine bi-
layer, the addition of CHOL expands the bilayer thickness from 35A˚ to 40A˚ where its
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hydrophobic core increases from 26A˚ to 30A˚ [146]. Interestingly, the impact of CHOL in
a sphingomyelin-enriched lipid bilayer is relatively moderate. The thickness of a C18:0
sphingomyelin lipid bilayer is 46-47A˚ both with and without CHOL [147]. This effect of
CHOL has a profound impact on the distribution of membrane proteins especially trans-
membrane proteins. CHOL may play an important role in the process of protein sorting and
potentially crucial roles in the processes of protein-protein interaction which is essential in
process such as signal transduction. The functional significance of CHOL is illustrated by
the fact that elevated levels of CHOL have been observed in cancer cells [104, 148] and
models of neurodegenerative disease [149]. Therefore, it has been suggested that the effect
of CHOL on membrane protein is closely related to protein function and disease develop-
ment.
Intriguingly, the specific impacts of non-annular, annular lipids, and bulk lipids are of-
ten unclear. Consequently, the fundamental question of how lipid environments regulating
membrane proteins remain unanswered. Additionally, the role of lipid environments in
the biochemical interaction between non-annular lipids and membrane proteins remain a
topic of open debate. Therefore, it is essential to gain a better understanding of membrane
protein-lipid interactions and the regulatory effects of lipid environment on membrane pro-
tein dynamic distribution and functional oligomerization.
2.2.3 Membrane Protein Complex Assembly and Dynamics
Many vital cellular processes are dependent on protein oligomerization and protein-
protein interactions within the membrane. For instance, in Ras-mediated signaling, it is
found that signaling is more accurate when Ras functions as a dimer versus monomeric
Ras [150]. Abnormal clustering or oligomerization of membrane proteins are related to
development of disease states, including cancer and amyloidal diseases [151]. It is widely
accepted that during the processes of signal transduction, ligand binding to membrane pro-
teins often introduce structure changes, which trigger functional membrane protein redistri-
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bution and oligomerization. Additional factors that affect membrane protein complexation
are dynamics and structure of lipid bilayers, as well as cytoskeletal organization [152].
2.2.3.1 Formation and Regulation of Membrane Protein Homo-oligomers
As discussed in previous sections, the core of lipid bilayers in biological membranes
is hydrophobic with a low dielectric constant. To stabilize membrane proteins that contain
polar amino acids in the transmembrane region, formation of stable dimers may be trig-
gered to overcome the energetically unfavorable situation [153, 154]. Additionally some
receptors, such as GPI anchored uPAR are known to form homo-oligomers or clusters to
achieve their functionality [32].
GPI-AP play important roles in signal transduction and cell adhesion. It has been ob-
served that functional oligomers of GPI-AP are mostly formed during transportation to
the apical domain of the plasma membrane, and therefore the oligomerization of GPI-APs
has been proposed to be important in apical sorting signal transduction [32, 155]. More-
over, GPI-APs are observed to be associated with lipid rafts, and the formed oligomers
are considered to further stabilize due to their raft-association [26, 119, 120]. Exemplary,
such processes can be seen during the apical sorting processes of uPAR. This membrane
protein, which contains three domains, works as an important regulator of ECM proteoly-
sis [36]. Intriguingly, uPAR is often over expressed in cancer cells and has been proposed
to be related to cancer invasion [28]. It has been suggested that the dimerization of uPAR
regulates its function and related signal cascade through interaction with native ligands,
including urokinase plasminogen activator (uPA) and VN [32].Interestingly, uPAR exhibits
a dimer-oligomer equilibrium at the apical and basal side of epithelial cells, possibly due
to its interaction with VN (Fig. 2.9). However, the relationship between GPI-AP sorting,
lipid environment and oligomerization remains obscure. Several factors, including ligand
binding, lipid environment, lipid-protein interaction and protein-protein interaction, have
been considered to be responsible for the sorting and clustering of GPI-AP [26, 119, 120].
However, the formation of GPI-AP oligomers appears to be protein specific. On the other
38
Fig. 2.9. Schematic uPAR dimer-oligomer transition as apical and basal 
side of epithelial cells [32]. The crystal structure of uPAR is shown as 
insert (A) in the figure [156].
hand, cellular experiments have lead to contradictory results about the regulation of GPI-
AP oligomerization. For example, CHOL content has been indicated to be related to GPI-
AP oligomerization, which has been considered to be one element of the lipid raft hypothe-
sis [12]. Additionally, it has been proposed that GPI-AP oligomerization was dependent on
lipid rafts. On the other hand, earlier research of uPAR dimerization suggested that CHOL
depletion does not influence GPI-AP oligomers [157].
2.2.3.2 Formation and Regulation of Membrane Protein Hetero-complexes
Most membrane proteins are believed to exist in complexes that enable functionality.
According to the Protein Data Base, most of the identified membrane protein structures are
monomeric or form homo-oligomers. Multi-subunit membrane-protein complexes are ex-
tremely challenging to investigate using traditional structural biology methods [158]. Tra-
ditional biochemical and structural biology methods, such as immunoprecipitation and X-
ray crystallography usually require relatively large amounts of membrane protein. There-
fore, to investigate membrane protein complexes, membrane proteins within such a com-
plex have to be coexpressed, purified and stabilized in order to analyze membrane protein
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heterocomplexes [158]. This process is first limited by co-transformation of several plas-
mids with single or multiple expression cassettes, which has a drawback that the copy
numbers of the respective plasmids can vary significantly [158]. In addition, the stabiliza-
tion and purification of membrane protein complexes is extremely challenging due to the
limitation of applicable detergents for multiple membrane proteins [158]. The recent ad-
vances in cryo-electron microscopy (cyro-EM) allows analysis of very large assemlies with
relatively small amount of proteins, but the nature of cryo-EM prevents it from obtaining
information about the dynamics of such complexes [159].
Nevertheless, among the 84 structures that have been identified, membrane protein het-
erocomplexes are believed to play important roles in processes, such as signal transduc-
tion and cellular adhesion [158]. For example, the activation of G-protein coupled receptor
(GPCR) involves the association and disassociation of the complex among transmembranal
GPCR, palmitoylated Gα-subunit and GPI-anchored Gβγ-subunit [160].
The structure of lipid bilayers in the plasma membrane has been proposed to be im-
portant in processes such as signal transduction by regulating membrane protein oligomer-
ization [161]. A study based on transmembrane peptides in a model membrane platform
indicates that mismatching of transmembrane peptides of different length with bilayers
of different thickness influences the clustering of transmembrane peptides. Furthermore,
CHOL strictly constrains structural adaption at the peptide-lipid interface and therefore
constrains the lateral segregation of peptides and lipids according to hydrophobic thick-
ness [162].
There are several transmembrane proteins that have been widely studied in respect to
functional oligomer formation. One of the most investigated examples is the family of inte-
grins [163,164]. Identified as essential adhesion receptors, integrin regulates cell migration
and extracellular matrix assembly by binding to ECM ligands including vitronectin (VN)
and fibronectin (FN), hence playing a critical role in processes such as tissue development,
wound healing, immunity, and cancer development [165,166]. Integrins by themselves are
heterodimers substituted with α and β subunits and are capable of forming oligomers based
on the GXXG motifs present within the transmembrane domain [167]. Upon activation by
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natural ligands, the structure of integrins switched from a bent, low-affinity conformation
to an extended conformation with closed head to reach its intermediate affinity [164]. This
intermediate structure will be further developed into an extended conformation with open
head to achieve the highest affinity by additional activation of external ligands [164] (Fig.
2.10).
Fig. 2.10. Schematic of integrin at bent (A), extended (B), and extended-
open (C) conformations. The αsubunit is shown in blue while β subunit is 
shown in red. In specific, at low affinity, integrin exists as bent structure, 
while extended structure is with intermediate conformation. Moreover, 
ligand activation promotes the conformational change further to open ex-
tended conformation [164].
These series of structure changes alternate the length of the transmembrane helix of the
protein and lead to a dissociation of the transmembrane domain [164, 168]. As a conse-
quence, integrins might be recruited to another region of the plasma membrane to lower
their overall energy to maintain the structure. On the other hand, it has been proposed
that the activated structures have a higher tendency to form homodimers [168]. More-
over, it has been suggested that ligand binding by itself facilitates the targeting process
of focal contacts, and induces a higher-level of integrin clustering for further signal cas-
cades. Intriguingly, it has been suggested that lipid composition, especially CHOL content
in the membrane, has a profound influence on the ligand binding process [33, 169]. In
this case, higher CHOL levels in the plasma membrane increase the possibility of forming
integrin oligomers [169]. In addition, there is a proposed hypothesis suggesting that inte-
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grins might be activated even without ligand binding, but solely dependent on membrane
composition. However, there is no research that indicates any specific binding sites of
CHOL in the transmembrane domain of integrin, suggesting a possible biophysical role of
membrane composition in regulating integrin clustering. Another lipid that might influence
integrin homo-oligomer formation are glycosphingolipids, such as monosialotetrahexosyl-
ganglioside (GM1) and monosialodihexosylganglioside (GM3) [137], which influence in-
tegrin functionality through direct interaction between the carbohydrate groups in integrin
and sugar moiety of gangliosides [170].
Higher levels of hetero-complex formation can also be observed in the plasma mem-
brane. For example, integrins have also been identified as members of uPAR interac-
tome [171], and potentially assist uPAR-mediated signaling by working as a lateral partner
with the GPI-AP. It has been suggested that the regulation of such complex formation is
highly dependent on ligand binding processes [172]. However, there is also evidence that
lipid bilayer composition and membrane structure may play an essential role in hetero-
complex formation between membrane proteins. For instance, cellular studies indicate
that uPAR acts as a ligand to various species of the integrin family, causing their to raft do-
mains and mediates cell-cell adhesions [38]. The process of complex formation is proposed
to impact the structure of transmembrane domain of integrin [35]. Notably,CHOL deple-
tion assays demonstrate the CHOL dependence of this process [38]. This uPAR-integrin
complex and its influence on protein sequestration and oligomerization will be discussed
in more detail in Chapter 4.
2.2.3.3 Assembly and Regulation of Cellular Adhesion Junctions
Most tissue cells are anchorage-dependent. Those cells probe the outer mechanical
cues of the surrounding environment as they anchor and pull to spread and migrate. Dur-
ing these processes cells generate contractile forces by cross-bridging interactions of actin
and myosin filaments, and partially transmit the force to the ECM [60]. In turn, cells are
able to respond to the resistance of the substrate by adjusting adhesions, cytoskeleton or-
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ganization and state [58, 60]. Such process are closely dependent on the organization of 
cellular adhesions such as FAs and AJs. These cellular adhesions are protein complexes 
that associate with cytoskeleton networks and function as mechanosensors. In other words, 
cellular adhesions change their shape, size, and dynamics according to the surrounding 
mechanical signals [60]. The formation of cellular adhesion complexes and regulation of 
their dynamics are critical for morphogenesis, embryogenesis, immune cell function, tissue 
repairing, and maintenance of tissue integrity [173–175]. On the other hand, those mem-
brane protein-associate complexes also contribute to the development of diseases including 
cancer metastasis and invasion, as well as immune disorders [58, 175–177].
Thanks to the development of polymer-based cellular substrates, assembly of focal ad-
hesions and their response to outer mechanical properties, such as substrate stiffness, have
been extensively studied. Polymer substrates, coated with immobile ECM ligands, are well
suited to mimic cell-ECM interactions, therefore revealing abundant information about the
mechanosensitive assembly and regulation of FAs [60,61]. In contrast, cell-cell adhesions,
such as cadherin based AJs, can be highly dynamic. As a result, long range movement
and treadmilling motion has been observed [62, 178]. This dynamic nature of the cell-cell
interface cannot be mimicked by the traditional polymer-based substrates. Therefore, little
is known about the correlation between the dynamics of cell-cell adhesions and external
mechanical signals. Nevertheless, increasing evidence indicates that the interplay between
mechanical signals and adhesion protein dynamics at cell-cell interfaces is a major factor
in regulating morphogenetic processes in embryos and within organs [179–182]. These
findings reveal the importance of understanding the assembly and dynamics of cellular AJs
in response to mechanical signals.
Cadherins are a family of adhesion molecules that constitute Ca2+- dependent ho-
mophilic cell-cell junctions of all solid tissues [57, 183]. Cadherins mediate cell-cell adhe-
sion processes by recognizing specific types of cadherins expressed in different cell types.
The classical types of cadherins include those ubiquitously expressed in epithelial cells
(E-cadherin, P-cadherin), endothelial cells (VE-cadherin) and all other non-epithelial cells
expressing N-cadherin [184, 185]. Moreover, through the association of cytoskeleton, cad-
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herins act as mechanical sensors that promote changes in cell morphology and migration
in response to outer mechanical signals [186].
During the previous decades, the role of cadherin in the process of mechanosensing and
the underlying mechanism was partially revealed [57, 187]. As a transmembrane receptor,
both extracellular and intercellular domains of cadherin are essential to cadherin function-
alization. The extracellular domain of cadherin is responsible for the interaction with cad-
herin expressed at the nascent cell and promotes the assembly cluster formation during cell
adhesion [57, 187]. The intracellular domain, on the other hand, forms complexes with the
catenin family proteins p120-catenin and β-catenin that assemble onto the cytoplasm do-
main of cadherin [184, 186]. While p120-catenin stabilized the cadherin-catenin complex,
β-catenin assembles with α-catenin and form a heterodimer. This cadherin-catenin com-
plex further associates with the actin cytoskeleton through a connection between α-catenin
and actin filaments(Fig. 2.11) [184–186]. Further studies based on cadherin-coated poly-
Fig. 2.11. Schematic of cadherin based cellular junctions.
mer substrates with adjustable stiffness indicates that cadherin-based adhesions transmit
and adapt to mechanical loads using both traction force assay and FRET-based molecular
tension sensor [188]. This statement could also be demonstrated through artificially stretch-
ing cell doublets where cadherin clusters are under tension modulated by contractile shear
force [189]. Furthermore, the molecular mechanism of cadherin-based mechanosensing
was in part established. α-catenin is proposed to undergo force-dependent conformational
changes that regulate the amount of actin bound to cadherin-catenin complexes through
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complex formation between α-catenin and vinculin [190, 191]. Moreover, binding of vin-
culin to catenins, especially α-actin has been reported to be dependent on myosin activ-
ity [192, 193].
However, due to the dynamic nature of cadherin mediated adhesions at cell-cell inter-
faces and the limitation in applicable materials to mimic such interfaces, one fundamental
question of how AJs are able to maintain strong adhesion to maintain tissue cohesion while
allowing cellular rearrangement in response to mechanical signals, and/or during cell mi-
gration remain largely unanswered. As collective migration of cell clusters is involved in
morphogenesis, tissue renewal, wound healing, and tumor spreading, it is essential to get a
better understanding of the dynamic cadherin-cadherin assembly and cluster movement in
response to mechanical forces and cytoskeletal organization.
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3. MATERIALS AND EXPERIMENTAL PROCEDURES
3.1 Materials
3.1.1 Materials for the Preparation of Polymer Tethered Lipid Bilayers
The phospholipids including 1,2- dioleoyl-sn-glycro-3-phosphocholine (DOPC) 1,2-
diapalmitoyl- sn- glycero-2- phosphocholine (DPPC), 1- palmitoyl- 2- oleoyl-sn- glycero-
3- phosphocholine (POPC)and 1,2- dipalmitoyl- sn- glycero- 3- phosphothioethanol (DPTE)
as well as Cholesterol (CHOL), Ni- chelating lipid, 1,2- dioleoyl- sn- glycero- 3- [(N-
(5- amino- 1- carboxypentyl) iminodiacetic acid)succinyl] (nickel salt) (DGS-NTA Ni)
and monosialodihexosylganglioside (GM3) were purchased from Avanti Polar Lipids (Al-
abaster, AL). Lipopolymer 1,2- dioctatecly -sn- glycero- 2-N- poly(2-methyl- 2- oxazo-
line)50 (diC18M50) was synthesized by Jordan group as previously reported [194]. Lipopoly-
mers 1,2 - distearoyl - sn - glycero - 3 - phospho- ethanolamine - N- [methoxy (poly-
ethylene glycol)- 2000](ammonium salt), (PEG-2000) and 1,2- distearoyl- sn- glycero-
3- phospho-ethanolamine- N- [maleimide (poly- ethyleneglycol) 2000](ammonium salt)
(PEG2000- maleimide) were purchased from Avanti Polar Lipids (Alabaster, AL). The
dye-labeled phospholipids N- (7 -nitrobenz- 2- oxa- 1,3- diazoly- 4-yl) 1,2-diahexadec-
anoyl- sn- glycero- 2- phosphoethanolame, triethylammonium salt (NBD-DHPE), N- (6-
tetramethyl- rhodamine-thio-carbamoyl)- 1,2- dihexadecanoyl- sn- glycero- 3- phospho-
ethanolamine (TRITC-DHPE), 1,1’- dioctadecyl- 3,3,3’,3’- tetra-methylindodicarbocyanine,
4-chloro- benzenesulfonate Salt (DiD), and Texas Red- 1,2-dihexa-decanoyl- sn- glycero-
3- phosphoethanolamine (TR-DHPE) were obtained from Invitrogen (Carlsbad, CA).
Ultrapure water (Milli-Q, pH 5.5, 18 MU-cm resistivity) was prepared via a Millipore
Water Purification System (Milford, MA). Glass coverslips (No.1, 40 x24 mm) were pur-
chased from Fisher Scientific (Hampton, NH). To prepare the cover slips, they were baked
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in a furnace at 515 ◦C oven for 40mins for EPI and laser scanning confocal microscopy
experiments, or 1.5hrs for FCS and PCH analyses. The baked sildes were cooled down to
room temperature and further sonicated in a sequence of solutions beginning with 1% SDS,
then NaOH-saturated methanol, and lastly 0.1% HCl. Each sonicating step was timed at
30mins (EPI and confocal imaging) or 45mins (FCS and PCH analysis) with a thorough
rinse by MilliQ water in between. All chemicals applied in the cleaning process were
reagent level purchased from Fisher Scientific (Hampton, NH).
3.1.2 Membrane Protein and Chemicals for Protein Reconstitution and Labeling
Purified human integrin αvβ3 and α5β1, as well as anti-integrin β3, monoclonal antibody
and anti-integrin β1 monoclonal antibody(MAb), were purchased from EMD Millipore
(Billerica, MA). Human recombinant urokinase plasminogen activator receptor (uPAR)
and anti-DDK antibody were both obtained from Origene Technologies (Rockville, MD).
Purified vitronectin (VN) and purified urokinase plasminogen activator (uPA) were pur-
chased from EMD Millipore (Billerica, MA). His-tagged N-cadherin chimera and poly-
clonal uPAR antibody(N-terminal Domain1 specific) was purchased from R&D Systems,
(Minneapolis, MN). Antibodies and N-cadherin chimera are labeled using Alexa 555 or
Alexa 488 antibody labeling kits (Invitrogen, Carlsbad, CA) according to the standard pro-
tocol provided by the vendor. Fluorescent standard molecules, Rodamine-6-G(R6G) and
fluorescein were purchased from Sigma-Aldrich (St. Louis, MO).
The surfactant n-octyl-glucopyranoside (OG) was obtained from Fisher BioReagents
(Fairlawn, NJ). SM-2 Bio-Beads were purchased from Bio-Rad (Hercules, CA). HPLC
grade Chloroform (Fisher Scientific, Hampton, NH) was used as the spreading solvent of
lipid monolayers at the air-water interface. Lipid mixtures with reconstituted protein were
kept in Phosphate Buffered Saline(PBS) (1X solution), diluted from 10X solution (Thermo
Fisher Scientific, Waltham, MA).
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3.1.3 Cell Culture Materials
C2C12 myoblast cell line was obtained from ATCC (Manassas, VA) and was cultured in
phenol red free Dulbecco’s Modified Eagle Medium(DMEM) with 10% fetal bovine serum,
1% Glutamate, and 100U/ml Penicillin. Cells were incubated at 37◦C in humidified atmo-
sphere with 5% CO2 (Prixar Air). Trypsin was used and incubated for 10 mins. Residues
of cells were rinsed off by PBS. All sterilized cell culture reagents, as well as tissue cul-
ture flasks and aspirator pipettes, were purchased from Thermo Fisher Scientific (Waltham,
MA). Micropipettes were also obtained from Thermo Fisher Scientific (Waltham, MA) and
were sterilized by autoclave (Primus Sterilze Co. Omaha, NE) prior to usage. Latrunculin
B (LaB) was purchased from Sigma-Aldrich (St. Louis, MO).
3.2 Experimental Procedures
3.2.1 Preparation of Single Polymer-Tethered Raft-mimicking Mixtures
Single Polymer-tethered lipid bilayers were prepared layer-by-layer using LB-LS pro-
cedures described in section 2.1.1.1. A Langmuir trough (KSV-NIMA, Biolin Scientific)
was applied in this process. To form the first monolayer, a chloroform solution of lipid
mixtures containing 5% lipopolymers was spread at the air-water interface. The second
monolayer was produced by spreading a lipopolymer-free chloroform solution of lipids at
the air water interface. After complete evaporation of chloroform, the surface pressure of
the lipid monolayer was adjusted to 30mN/m prior to the LB dipping and LS transferring
processes to ensure the quality of lipid bilayers. The LB dipping process was achieved
through a dipper connected with a motor and the LB layers were transferred to a glass sub-
strate with a dipping speed of 24mm/min. LS transfer was accomplished by gently pushing
the LB layer-coated glass substrate onto a depression slide that was previously positioned
underneath air-water interface. Then the depression slide was removed from water inter-
face and the bilayer was either placed into a petri dish for further protein reconstitution or
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attached to the bottom of a 35mm petri dish with a 15 mm diameter hole in the middle for
further fabrication of multiple bilayers and the study of cadherin linker dynamics.
To achieve the first three objectives described in the first chapter, three types of single
bilayers were designed and fabricated (Fig. 3.1):
Fig. 3.1. Schematic of Type I (no observable lipid phase separation), Type 
II (bilayer spanning lo-ld phase separation, Type III (lo-ld phase separation 
only at top LS monolayer.
Type I: symmetric bilayer composition without any phase separation. There are two
different bilayer systems in this class. The first one only contains phospholipids with
5mol% lipopolymer (diC18M50) in the bottom LB monolayer whereas the top LS mono-
layer is solely made of one type of phospholipids . The second bilayer system is comprised
of binary lipid mixtures containing DOPC and CHOL at different ratio, where LB layers
also contain 5mol% of diC18M50 to form the polymer tethering structure. More specifi-
cally, bilayers containing 0, 10, 20, 30 mol% CHOL were fabricated. To prepare the Type
I bilayers, lipid suspensions were kept in the Langmuir trough at a surface pressure of
30mN/m for 30mins before LB dipping or LS transferring processes.
Type II: symmetric bilayer compositions with bilayer spanning lo and ld domains. In
specific, the composition of bottom LB layer was 5mol% diC18M50, equimolar ratios of
DOPC and DPPC, and varying CHOL concentrations. The LS monolayer contained the
identical molar ratio of DOPC, DPPC and CHOL. The most commonly applied composi-
tion was DOPC: DPPC: CHOL at a 1:1:1 molar ratio, while bilayers 25, 28, 35, 37 mol%
CHOL were also applied for the investigation of CHOL influence on membrane protein
sequestration. In addition, 0.2mol% NBD-DHPE was applied as a reporter for large scale
lipid phase separation. To prepare Type II Lipid suspensions were kept in Langmuir trough
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at the surface pressure of 30mN/m for 50mins before LB dipping or LS transferring pro-
cesses were conducted.
Type III: asymmetric bilayer composition with coexisting lo and ld phase separation
in the top LS leaflet, but no phase separation in the bottom leaflet. The LS leaflet of the
bilayer was a lipid mixture of DOPC: DPPC: CHOL at 1:1:1 molar ratio with added 0.2%
NBD-PE as a reporter on lipid phase separation. The bottomn (LB) monolayer was similar
to that of Type I bilayers that contain 5mol% diC18M50, 33mol% of CHOL, 0.2mol% of
DiD with the remaining lipid composition DOPC lipids. To make this type of lipid bilayer,
the bottom LB leaflet was kept in the trough at the surface pressure of 30mN/m for 30
minutes before dipping procedures while top LS leaflet was kept at the same pressure for
50 minutes before LS transfer.
3.2.2 Reconstitution of Membrane Proteins into Lipid Bilayers
Protein molecules were reconstituted into polymer-tethered lipid bilayers using mod-
ified Rigaud Method(Fig. 3.2) [54, 55]. Before membrane protein reconstitution, bilayer
samples were extensively rinsed with PBS to replace MilliQ water, which as utilized in
the initial model membrane assembly. Following buffer exchange step, 1.3× 10–11 mol of
membrane protein in 2ml of 250μM OG were added to the pre-assembled lipid bilayers and
incubated for 2 hrs. In the case of investigating membrane protein complex formation and
dynamics, two types of membrane protein were added at a 1:1 ratio, each protein was added
at the total amount at 6.5 × 10–12 mol, while 0.6ml of 250M OG was applied to assist the
reconstitution of membrane protein. After a 2hr incubation, OG surfactant was removed
from the bilayer with a single layer of SM-2 Bio-Beads. In the research of investigating
membrane protein complex formation and dynamics, two different membrane protein re-
constitution procedures have been applied, simultaneous addition of all membrane proteins
(in dual color labeling experiments on two different membrane proteins) and sequential
addition of membrane proteins (in all single color experiments on reconstituted membrane
proteins. Fluorescently labeled monoclonal antibodies (MAbs) were added at a 1.5:1 ratio
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to the target protein and incubated for 2hrs. unbound antibodies were rinsed off with PBS.
GM3 in 0.2ml of 2.5μM OG as well as ligands, including FN and VN, were added at a
1:1 ratio to proteins and permitted for an overnight incubation (8-9 hrs). Unreconstituted
ligands were removed by extensive rinsing with PBS.
Fig. 3.2. Schematic of protein reconstitution into the pre-assembled
polymer-tethered lipid bilayer. Membrane protein was reconstituted with
the addition of surfactant (1) and incubated for 2 hrs, extra surfactant was
removed by adding bio-beads(2 & 3), the reconstituted membrane protein
was labeled with fluorescently tagged antibody (4).
3.2.3 Data acquisition using Confocor2 microscopic System
A Confocor2 microscope system (Carl Zeiss, Jena, Germany) equipped with an Ax-
iovert 200M (Carl Zeiss, Oberkochen, Germany), a Zeiss C-Apochromat objective (water
immersion, 40×NA=1.2), and a Zeiss AxioCam MRm monochrome digital camera was
applied for Confocal spectroscopy XY scan (CS-XY), FCS, and PCH analyses(Fig. 3.3).
The system was pre-warmed to thermal equilibrium to minimize drift.
For single color protein labeling assays, the data on protein distributions and diffusion
was acquired using a 1.8mW HeNe laser (wavelength 543nm) at 70% intensity, with a
combination of dichroic mirror and bandpass filter of 550-615nm. For dual color protein
labeling assays, where Alexa 488 and Alexa 555 were both applied for the protein labeling,
a specific beam path was set for best S/N while maintaining minimum signal bleed-through.
In specific, 1.8mW HeNe laser (wavelength 543,70% laser power) as well as a 30mW argon
laser (wavelength 488, 0.1% laser power) were applied to a major dichroic beam splitter of
488nm and 543nm (HFT488/543), additional laser shutter was also applied before reaching
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Fig. 3.3. Microscopic setup of FCS-EPI fluorescent combined system.
the sample. The excited light went through a secondary dichroic beam splitter (NT 50/50
IR) and separated into two channels. Alexa 488 could be detected through bandpass filter
of (505-530nm) and Alexa 555 could be detected through a bandpass filter of (560-615nm).
Since the Argon laser was controlled at relatively low power to minimize the laser bleed
through, the pinhole diameter of the 488 channel was adjusted to be 10% larger than that of
the other channel to collect enough signal while maintaining a quantitative signal-to-noise
ratio. Prior to each analysis, samples were bleached for 3secs and measured at the same
spot for 5 runs with 10secs/run.
3.2.4 Protein Distribution Analysis in Planar Bilayers Using The CS-XY Scans
Protein distribution was quantitatively analyzed using confocal based XY fluorescence
intensity scans. Particularly, the dye-labeled lipid distribution was determined as an indi-
cator of lipid phase separation. To analyze membrane proteins Type II and Type III lipid
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bilayers, NBD-DHPE distribution was acquired using a 30mW Argon laser (wavelength
488) at 0.7% intensity combined with a dichroic mirror and bandpass filter of 505-530nm;
while DiD-DHPE distribution in Type III lipid bilayers was detected using a 1.8mW HeNe
laser (wavelength 633nm) with a dichroic mirror and a long pass filter of 654nm. The dis-
tribution of Alexa 555 labeled antibodies were monitored using the identical set up for FCS
analysis in single color protein labeling assays described in the previous section .
Background fluorescence intensity was determined in separate control experiments. In
specific, control samples were prepared using identical lipid bilayer compositions, how-
ever no membrane proteins were reconstituted. Following the same procedure as bilayer
samples with membrane proteins reconstituted, monoclonal antibodies were added at an
identical level. To exclude background signals, control experiments were conducted us-
ing comparable experimental conditions empolyed on bilayer samples without reconsituted
membrane proteins. The average fluorescence intensity of the bilayer from the control ex-
periment was subtracted from the experimental samples with membrane proteins, enabling
quantitative analysis of membrane protein distribution using the normalized intensity pa-
rameter Eraft:
Eraft =
Ilo – Ild
Ilo + Ild
(3.1)
3.2.5 Brightness and Oligomerization State Analyses Using Combined FCS and PCH
As mentioned in section 2.1.2.3, the average photon counts, < k > is a product of
the average number of particles Navg and the brightness (Eq. 2.11). Here dimers are con-
sidered as particles with twice the brightness as monomers. Previous work in our group
confirmed equal brightness of fluorescent markers on lipid bilayers and in solution. In
addition, at low concentration, Navg determined by PCH and FCS was determined to be
equal. Therefore, standard R6G solution at the concentration of 0.15 nM was applied as a
standard solution. This low concentration provided information at nearly single molecule
level, and the brightness of R6G and particle numbers were determined by FCS analysis.
Following that procedure, the labeling efficiency and the antibody concentration of Alexa
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555 labeled antibody were determined by FCS analysis on antibody in solution. The Alexa
488-labeled antibodies were quantified using the same methodology with a different fluo-
rescent standard (fluorescein).
After all the information on dye-labeled antibodies was obtained, the average brightness
of single antibodies wasi applied as the monomer brightness. To solve for dimers, the
dimer brightness was simply determined to be twice the brightness as a monomer. The
total number of particles was determined to be close to the particle numbers determined by
brightness. The data were run for multiple sets to find the best fit and to determine Navg
and ε.
A PCH curve is a combination of information including all the following factors: (1)
obtained brightness of fluorophores, which is sensitive to laser fluctuation; (2) Case-specific
background information, potentially determined by antibody non-specific binding and flu-
orescence bleed-through; (3) detected particle numbers of monomer and dimers. There-
fore, all the control experiments mentioned above are critical to obtain a accurate PCH
result. Fig. 3.4 illustrates the impact of dimerization ratio on model PCH curves. The solid
curve in each situation is the best fitting curve obtained from a bilayer with 0.001mol%
TRITC-DHPE in the bilayer with brightness and particle numbers being obtained from
FCS analysis.
3.2.6 Determination of Protein Oligomerization States in Hetero-complexes Using
Combined Dual-Color FCS and PCH
Since membrane proteins were reconstituted into the lipid bilayer at a low concentra-
tion (1.3×10–11 mol), single molecular events could be observed from an intensity-vs-time
trace (FCS raw data). Protein oligomerization states in protein heterocomplexes were de-
termined in two steps through a dual color assay. First, complexes were determined using
intensity-vs-time trace. In this process, signals that were three-times higher than the av-
erage background intensity were determined as signal peaks. For each significant signal,
tpeak was determined to be the time where highest intensity appeared. If the absolute differ-
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Fig. 3.4. PCH model curves illustrating the influence of dimerization ratio
on the shape of PCH curves [195].
ence of tpeak values from two fluorescent channels was smaller than 0.0256s (smallest time
interval recorded), it would be considered that the event of single complex diffusion was
observed (Fig. 3.5.A). Secondly, the peaks where complexes were observed were separated
from the rest of the signals and were further combined to obtain a new intensity-vs-time
trace(Fig. 3.5.B). According to this new trace, intensity readouts were binned for PCH
analysis (Fig. 3.5.C). Signal bleed through between each channel was largely eliminated
by adjusting the pinhole of each channel, as well as the excitation and detection set up
which is optimized from a control experiment. In this control experiment, a solution con-
taining 1 × 10–10 mol/l fluorescin and R6G at the same concentration as well as solutions
with only 1× 10–10 mol/l fluorescin and solution with only 1× 10–10 mol/l R6G were ap-
plied for the determination of channel set up. The signal bleed through was determined by
comparing signals at each channel obtained from solution containing both the fluorophores
and solutions with single dye. After confirmation that signal bleed through from other
channel did not exceed the intensity of background signals, single color PCH analysis was
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conducted for each channel, thus revealing the oligomerization states of each component
of the complex.
As the average brightness signal for each protein in complex was comparable to that in
the membrane with individual membrane proteins, the brightness of signal from each chan-
nel was correlated to the brightness of dye labeled antibody in solution. Particle numbers
were estimated from the frequency of the peaks in the intensity-vs-time trace by compari-
son to a standard DOPC bilayer with 0.001% TRITC-DHPE.
Fig. 3.5. A sample work flow for PCH analysis of protein complexes. In
specific, signals from complexes were first identified from the FCS time-
intensity-trace (A). Then the signals were isolated from the rest of the
time-intensity-trace (B). The newly isolated signals were further binned
and and analyzed using PCH analysis(C) to determine oligomerization
states of protein in complex.
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3.2.7 Fabrication of Polymer-Tethered Single Bilayer and Multi-Bilayer Stacks with
Dynamic Linkers mimicking Cell-Cell Linkage
To fabricate polymer-tethered lipid bilayers for the purpose of mimicking the linker
dynamics at cell-cell interface, single bilayers, as well as multi- bilayer stacks, were both
applied. Single bilayers were made with LB/LS method in an identical way as making Type
I lipid bilayers, albeit a different lipid composition was used. In this case, the LB layers
of these lipid bilayers contained 5mol% of DSPE-PEG 2000, the remaining composition
was POPC lipids, while the LS layer contained 0.005-0.5mol% of DGS-NTA Ni-chelating
lipid for further binding of cadherin chimera with His-tag. The multi-bilayer stacks were
fabricated as described in section 2.1.1. Specifically, the first bilayer in the multi-bilayer
stack was fabricated using LB/LS method, where both LB and LS leaflets contained 5mol%
PEG-2000-Mal and 95% POPC.
As mentioned in section 2.1.1.2, maleimide- thiol coupling chemistry between DPTE
and PEG-2000- Mal were used to form stable linkages between adjacent bilayers and vesi-
cle fusion process was applied for the layer-by-layer assembly. GUVs containing 5mol%
DPTE and 95 mol% POPC were applied for the fabrication of second and fourth bilayer,
whereas GUVs with 5% PEG-2000-Mal and 95mol% POPC were used to assemble the
third bilayer. GUVs encapsulated a water based buffer with 0.1mM sucrose/1mM CaCl2to
assist the GUV transportation to the substrate through gravitation. GUVs were allowed
to bind to the previously formed bilayer by adding them into the earlier assembled bilay-
ers surrounded with 0.1mM glucose/1mM CaCl2 water solution. Following incubation for
2hrs, and then being rinsed with MilliQ water to remove excess GUVs. For GUVs in the
top bilayer of the stack, 0.005-0.05mol% of DGS-NTA Ni-chelating lipids were substituted
for the same amount of POPC and both the sucrose and glucose buffers were made to be
Ca2+ free.
Followed by the fabrication of lipid bilayers and bilayer stacks, Alexa-555 labeled N-
cadherin chimeras with 6 his-tags were added to the bilayer at a ratio of 5:1 ratio to DGS-
NTA lipids in the bilayer. After a 1hr incubation, excess N-cadherin chimera were rinsed
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off by extensive rinsing of PBS until no signal from Alexa-555 channel was observed in
solution by FCS.
3.2.8 Cell Culture
C2C12 myoblast cells were kept at 37◦C in a humidified 5% CO2environment. DMEM
based media described in the previous section was used for cell culturing. For cell passag-
ing, 2ml of 2.5% trypsin were applied and incubated for 10min to fully detach cells from
the 75ml culture flask. Cells were passaged at the ratio of 1:7 . C2C12 cells were cultured
till confluent (3-4 days) before next passage and only cells beyond the 5th passage were
applied to the substrate for quantitative analysis and no cells beyond 15th passage were
applied for quantification.
Before adding cells to the lipid bilayer substrates, cell culture media with Ca2+ was
added to the bilayer for the activation of cadherin chimeras. Following that, cells were
plated at a density of 160cells/mm2 and incubated for at least 2hrs to allow initial cell
adhesion. Typically, cells were imaged after 24 and 48hrs after seeding.
3.2.9 Live Cell Imaging and Data Acquisition using Laser Scanning Confocal Mi-
croscopy
Live cell imaging was achieved through a combination of Laser Scanning Confocal Mi-
croscopy (FV1000, Olympus USA, Center Valley, PA) equipped with an active Z-drift com-
pensation module (ZDC,Olympus USA, Center Valley, PA) and a stage incubator (Tokai
Hit Co.Ltd, Japan). The stage incubator was adjusted to operate at the temperature of
37◦C and humidified 5% CO2 Bio-blend gas was applied during live cell imaging. A 60x
objective was used for image acquisition (UPlanSAPo 60x/1.15).
To ensure the fluorescent signals acquired were indeed obtained from the cell-substrate
interfaces, point spread function in the XY (Fig. 3.6.A) and Z (Fig. 3.6.B) dimensions
were determined using 0.2μm fluorescent beads, thereby utilizing the Alexa 555 detection
setup. While the thickness of spread C2C12 myoblast cells was evaluated by labeling with
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a live/dead cell kit (Fig. 3.6.C). According to the Z-scale profile obtained from fluorescent
beads and fluorescent labeled cell images, fluorecent images of Alexa555-labeled cadherin-
chimeras were checked at the bilayer plane and 6μm above the plane. Only samples with
no fluorescent signal obtained at the higher plane were considered for further image acqui-
sition.
Fig. 3.6. Fluorescent intensity profile of fluorescent beads with a diameter
of 0.2μm. (A) illustrates intensity profile at XY plane, while Z-scale in-
tensity profile is shown in B. Point spread function will be determined by
Gaussian fitting (shown as red curve) of the intensity profile. Moreover,
the fluorescent intensity profile of a adhered cell is illustrated by C. B and
C show distinct information on the intensity profile at Z-scale.
To quantify the cadherin chimera linker dynamics, time series image acquisition was
applied. In specific, differential interference contrast (DIC) images and fluorescent images
from Alexa 555 channel were acquired at the same time. Confocal images were taken every
20 seconds with ZDC being activated, at least 20 sets of images were acquired for a reliable
quantitative analysis of linker clustering and dynamics. To determine the influence of cy-
toskeleton on cadherin linker dynamics, LaB, was added to the cell culture flask to the con-
centration of 10μM. Time series image acquisition was pursued at 0, 30, and 60mins after
agent treatment, with the identical manner of image acquisition as before pharmacological
agent treatment, thereby following identical imaging acquisition protocols as described on
sample without LaB.
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3.2.10 FRAP Experiment and Data Analysis
FRAP experiments were conducted using laser scanning confocal microscope (FV1000,
Olympus USA, Center Valley, PA) combined with ZDC and stage incubator. Time series
images were taken for the fluorescent intensity analysis. A specific tornado scan mode was
applied for fast-intensive photon-bleaching of one specific ROI. Followed by the photon-
bleaching procedure, images were taken until fluorescent intensity signal reached a plateau.
Images were taken every 20secs for 20 minutes. Intensity values were corrected for pho-
tobleaching caused during data acquisition. The FRAP data were analyzed as previously
described (section2.1.2.4) [98].
3.2.11 Cluster Tracking
The cluster tracking analysis based on the LAP principles was achieved by the uTrack
software. Cells were separated into the front area and the tail area according to the center of
the nucleus and the migration orientation. All images were therefore cut into two different
parts and analyzed. The tracking process was adjusted according to the nature of cadherin
clustering.
First, to detect cadherin clusters, the comet detector mode in uTrack was applied. This
detection algorithm was first introduced for the tracking analysis of micro-tubule dynamics,
where the target was constantly assemble and disassemble during the tracking processes.
The detecting algorithm includes two separate steps. The signals were rst processed using a
difference-of-Gaussians approach [196] to eliminate high-frequency intensity fluctuations
due to noise as well as potential larger scale variations in cell background and to create
a relatively uniform background. Following that step, the coordinates of clusters were
extracted using a watershed-based method which treated the cluster as a 3D intensity pro-
file, allowing uniformed intensity in one particle as well as a variation on the size of the
tracked clusters without any pre-assumption of the particle size and intensity. In this work,
such intensity profiles are built based on PSF described in section 3.2.9(Fig. 3.6). In spe-
cific, the minimum threshold was set as the standard deviation of the PSF determined by
60
0.2μm-diameter uorescent beads. The watershed threshold step size was set to be a standard
deviation of the PSF. This setting, according to Applegate et al., allowed the detection of
clusters larger than 0.2μm in diameter where the threshold step size ensured more than 99%
successful detection of all clusters in one sample [196]. Additionally, to obtain optimized
difference-of-Gaussian background filter, several parameters were tested for the most opti-
mized condition. The final resulting filter was set with a low-pass Gaussian of 1 pixel and
high-pass Gaussian of 4 pixels, where each pixel was 0.078μm. This filter setting prevents
the detecting algorithm from treating background signals as cluster signals without losing
the ability of detecting target clusters.
The tracking analysis was done under the Brownian and directed motion analysis to
ensure successful tracking of both types of clusters that move randomly and oriented by
cytoskeleton-driven forces. The Brownian search range was set from 2 to 10 pixels during
a frame-to-frame linking. In the gap closing part, the gap was set to be 1 frame. This
is according to our hypothesis that in our platform, dye-labeled cadherin chimera clusters
only exist on bilayer substrates where no out-of-focus events are expected to happen. In
the event of track merging, clusters were allowed to exhibit 30% intensity variation, and
the merging radius was set to be identical to the Brownian searching range. Followed by
the track analysis and merging analysis, the cluster moving speed and displacement were
directly calculated from the resulting coordinates.
61
4. RESULTS AND DISCUSSION
4.1 Probing Oligomerization and Sequestration of Urokinase Plasminogen Activator
Receptor (uPAR) Reconstituted in Model Membrane Mixtures
As mentioned in section 2.2.1, the raft-associated receptor function is considered one of
the key features of lipid rafts in cellular functions [197]. It has been indicated that CHOL
depletion interferes not only with raft affinity of GPI-AP but also with the oligomeriza-
tion state of receptors [161]. Moreover, ligand-induced allosteric changes in membrane
protein organization are recognized as one of the most important factors that may induce
changes in membrane protein oligomerization and raft-association. For example, Caiolfa
et al. reported the association between ligand-induced receptor dimerization state change
and uPAR distribution in polarized cells, suggesting a mechanism of uPAR sorting through
regulation of receptor oligomerization [31, 32]. This particular GPI-AP is one of the key
members of the plasminogen system and plays important roles in processes including sig-
nal transduction, cellular adhesion, differentiation, proliferation, and migration, especially
under pathological circumstances [27, 28] . Its function, partially achieved by functional
dimer formation, is closely related to the development of certain diseases such as inflam-
mation, infection and tumorigenesis [27, 28]. However, there is still uncertainty about the
relationship between raft domains, ligand binding, and uPAR oligomerization. This un-
certainty is not only due to the transient nature of lipid rafts in plasma membranes, but
can also be attributed to the lack of knowledge about ligand-induced allosteric changes of
uPAR conformation and their impact on uPAR raft-association [10, 116].
As illustrated by Fig. 4.1, we employed raft-mimicking lipid mixtures to investigate
the interesting relationship between raft domains and uPAR oligomerization, and the role
of native ligands. In this case, uPAR reconstitution, the resulting diffusion coefficient of
uPAR as well as its oligomerization states were first determined in Type I lipid bilayers
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with binary mixtures containing DOPC and CHOL without lo-ld phase separation. Sub-
sequently,lipid bilayers containing DOPC-DPPC-CHOL with bilayer-spanning lo-ldphase
separation (Type II) and lipid bilayers showing lo-ld phase separation only at LS leaflet
(Type III) were both applied to explore the relationship between the receptor dimerization
level and raft affinity. Native ligands, including uPA and vitronectin (VN), were added
seperately to the membrane with reconstituted uPAR to reveal the influence of ligand bind-
ing on uPAR oligomerization states and raft affinity.
Fig. 4.1. Schematic of Type II polymer-tethered lipid bilayer with func-
tionally reconstituted uPAR. The role of native ligands (uPA and VN)
and lipid environment in uPAR dimerization and sequesteration is investi-
gated [195].
4.1.1 Ligand Binding Alters Oligomerization in Type I Bilayers
An experimental assay was designed, in which, uPAR with a DDK-tag at the C-terminal
was reconstituted into polymer-tethered lipid bilayers according to the protocol described
in section 3.2.2. To enable fluorescence imaging experiments, uPAR was labeled with an
Alexa-555-tagged anti-DDK monoclonal antibody, which binds to the DDK tag near the
C-terminal region of uPAR, close to the GPI anchor. CS-XY analysis showed that, uPAR
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was homogeneously distributed in Type I lipid bilayers (Fig. 4.2.A). The concentration of
uPAR in Type I lipid bilayers was determined by comparing the fluorescence intensity of
uPAR against TRITC-DHPE of known concentration serving as a standard. In this case,
the molecular brightness of TRITC-DHPE and uPAR antibody are normalized. If all pro-
tein added were incorporated into the bilayer and 100% antibody-labeled, we would have
the identical calibration curve as TRITC-DHPE (shown as solid black markers of uPAR
intensities in Fig. 4.2.B). The slope of the TRITC-DHPE calibration curve is 1.069 × 105
Fig. 4.2. Typical CS-XY scan data (A) of uPAR distribution (illustrated
by Alexa 555-labeled MAb) in Type I bilayers containing DOPC only. No
large-scale phase separations were observed. Box size 10 x 10 μm2. Cal-
ibration of fluorescence intensity by comparing different concentrations
of TRITC-DHPE (diamond) and antibody-labeled uPAR in the bilayer
(square). The typical amount of uPAR (1.3 × 10–11 mol) is shown as a
solid red square [195].
(kHz/mol%), whereas the slope for uPAR is 0.92 × 105, indicating that 86% of the uPAR
are functionally labeled [195]. Moreover, the results from Fig. 4.2.B showed that there is
no notable antibody-mediated uPAR crosslinking. Based on the 86% reconstitution rate,
the highest possible crosslinking rate is 14%, assuming the highly unlikely situation that
all uPAR molecules are reconstituted in the membrane. Even in that case, the crosslink-
ing efficiency is extremely low. These results also confirmed that: (i) uPAR is sufficiently
reconstituted with the functional orientation; and (ii) anti-DDK antibodies applied in this
project have a high labeling efficiency to uPAR without interfering with the natural states of
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uPAR clustering under our experimental setup. Therefore, Alexa 555- tagged anti-DDK an-
tibodies work as excellent labeling agents for analyzing uPAR sequestration and oligomer-
ization FCS analysis of a bilayer with reconstituted uPAR. Experiments on uPAR labeled
with anti-DDK Mab was conducted in the absence of any ligands, as well as in the presence
of uPA and VN, respectively. Such experiments were first conducted in Type I bilayers with
DOPC. Fig. 4.3 illustrates the raw FCS intensity-time trace (Fig. 4.3.A) of uPAR in the
presence of ligands in Type I CHOL free bilayers, together with the corresponding PCH
raw data (Fig. 4.3.B) and Xdimer values obtained from PCH curve fitting (Fig. 4.3.C).
As displayed in Fig. 4.3.C, in the absence of any ligands, the average Xdimer value was
calculated to be 0.26, whereas uPA addition almost completely suppresses uPAR dimer
formation, resulting in an average Xdimer value of 0.02. In contrast, the presence of VN
triggers uPAR dimer formation (average Xdimer: 0.43) [195]. These results provide signif-
icant evidence that uPAR dimerization is highly dependent on the the presence of specific
ligands.
Fig. 4.3. FCS time-intensity-trace (A), experimental PCH data and fitting
curves (B), and fraction of dimers, Xdimer, as obtained from PCH analysis
(C), of uPAR (black), uPAR +uPA (red), and uPAR +VN (blue). The
Xdimer data (ANOVA test: p < 0.01) indicate the distinctive influence of
uPA and VN on uPAR dimerization levels. Each Xdimer histogram bar is
based on 30 individual PCH readings from 6 bilayers. Error bars represent
corresponding standard deviations. ANOVA test for each presented Xdimer
value was conducted with 3 data sets of 10 PCH readings per data set
[195].
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The different uPAR dimerization levels obtained from PCH analyses are further con-
firmed by determining uPAR diffusion using FCS autocorrelation analysis (Fig. 4.4). Here
the diffusion coefficient of uPAR (without ligand) in the bilayer was D = 1.37±0.26μm2/s,
whereas addition of uPA led to a faster diffusion of the receptor, D = 1.65 ± 0.52μm2/s
[195]. Furthermore, relatively slow uPAR diffusion of D = 1.02 ± 0.34μm2/s was ob-
served upon VN addition. In this assay, each diffusion coefficient was determined from 40
FCS readings obtained from ten different bilayer samples (error bar values represent cor-
responding standard deviations) [195]. The FCS data show that VN addition leads to the
lowest lateral mobility of uPAR, which can be explained by the increased level of uPAR
dimerization in the model membrane. In contrast, uPA addition increases uPAR lateral
mobility, leading to a diffusion coefficient that is almost identical to the diffusion coeffi-
cient of TRITC-DHPE (D = 1.68 ± 0.20μm2/s) [195], while intermediate uPAR dimer-
ization levels lead to an intermediate uPAR diffusion coefficient, in good agreement with
the findings from the PCH analysis. Importantly, our results obtained from FCS and PCH
analyses are in excellent qualitative agreement with previously reported uPAR dimerization
behavior in epithelial cells [157]. In this cellular study, VN addition also promoted the for-
mation of uPAR dimers, while uPA and uPA-PAI1 addition enhanced monomer formation
in the monomer-dimer equilibrium. It has been revealed that for both soluble uPAR (su-
PAR) [198] and GPI-anchored uPAR [199], uPA and VN interact with D1 and D2 domains
at different binding sites, thereby introducing structural changes to the receptor. Though
the structural details of the uPAR dimer remain unclear, the effect of ligands on receptor
oligomerization states has been reported in several occasions, including both GPI-anchored
and transmembrane receptors [200–202]. In those cases, ligand-receptor interactions often
trigger formation of connecting structures, such as dimerization loops [200] and disulfide
bonds [202].
Recent reports indicate that uPA binding might induce uPAR to a closed conforma-
tion [203]. Moreover, it has been reported that uPA binding reduces uPAR-uPAR interac-
tions by triggering uPAR cleavage [157]. Therefore, the observed uPA mediated suppres-
sion of uPAR dimerization in our model membrane assay suggests a similar mechanism
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Fig. 4.4. Representative FCS auto-correlation data and fitting curves of
uPAR, uPAR + uPA, and uPAR + VN on polymer-supported lipid bilayers.
Detection of uPAR was accomplished using Alexa 555-tagged anti-uPAR
MAbs [195].
of uPA-induced structural change of uPAR, as well as uPA-mediated cleavage of the D1
domain of uPAR. Previous cellular experiments indicated that uPA cleaves the D1 do-
main of uPAR under physiological conditions by interacting at two specific sites at the
D1-D2 linking region [204]. Other experiments showed that uPA cleavage is dependent on
the GPI-anchorage of uPAR, illustrating the fact that uPA cleavage of suPAR is relatively
limited [205]. To probe the proteolytic activity of uPA, an Alexa-555 labeled N-terminal
antibody was applied and the fluorescence intensity in solution above the uPAR contain-
ing bilayer was monitored through the Alexa-555 channel using a Confocor FCS system.
This fluorescence-based assay has single molecule sensitivity. Its sensitivity is superior
over traditional methods, such as western blotting. In this experiment, uPAR tagged with
N-terminal specific anti-uPAR antibody was investigated under three different conditions
(uPAR only, uPAR+ uPA, uPAR+VN). As illustrated by Fig. 4.5, a time-dependent increase
of fluorescence intensity in solution can only be observed in the case of uPAR+uPA using
Alexa-555 labeled N-terminal antibody. In contrast, a control experiment where a dye la-
beled anti-DDK MAb specifically binds to the C-terminal DDK-tag of uPAR, no variation
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of fluorescence intensity was observed in solution. Together, these results indicate that uPA
induces cleavage of the N-terminal of uPAR reconstituted into the polymer-tethered lipid
bilayer, in good agreement with previous results of the same receptor during plasma mem-
brane studies [204]. These findings are significant because they demonstrate that uPAR
reconstituted into polymer-tethered lipid bilayers holds a similar activity relative to uPAR
under physiological conditions. Moreover, our results support a relationship between uPA
induced uPAR cleavage and drop of the dimerization level.
Fig. 4.5. Time evolution of confocal photon count rate in solution (200μm
above the planar polymer-tethered lipid bilayer with incorporated uPAR).
Experiments were conducted on uPAR (without ligands), uPAR +uPA, and
uPAR +VN. Fluorescence intensity data were collected from 5 bilayers
with 10 readings per bilayer for each time spot. Error bars indicate the
standard deviation between each bilayer. The statistical significance was
comfirmed through ANOVA with 5 data sets of 10 fluorescence readings
per data set (p < 0.005) [195].
4.1.2 Analyzing Influence of CHOL Content on uPAR Oligomerization Using Type
I Lipid Bilayers
The GPI anchor of GPI-AP has long been considered an apical sorting motif, possibly
due to the association of such membrane to lipid rafts [13, 206]. However, this proposed
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mechanism has been questioned by the finding that GPI-APs are sorted to both the apical
and basolateral membrane of MDCK cells [31]. More interestingly, previous research in-
dicated that CHOL content is a key requirement for GPI-AP oligomerization at the apical
side of the cell [161]. However, the effect of CHOL on membrane protein oligomerization
appears to be relatively complex. While some specific membrane proteins, such as Ras,
show different oligomerization and clustering dependent upon on the CHOL contents at
different parts of the cell membrane [118]; for other membrane proteins, such as GH-DAF,
their clustering is largely affected by CHOL depletion [207]. To investigate the influence
of CHOL content on uPAR oligomerization, the content of CHOL in TYPE I bilayers was
systematically changed from 0 to 35 mol% CHOL and uPAR dimerization levels were de-
termined using PCH analysis. Representative PCH data are shown in Fig. 4.6, while the
resulting Xdimer values are presented in Fig. 4.7. As illustrated by Fig. 4.7, uPAR dimer-
ization levels are slightly lower in the absence of CHOL, but did not change in response to
different CHOL concentrations in the membrane. In contrast, addition of ligands, including
uPA and VN, have a substantial influence on uPAR dimerization in Type I bilayers.
Fig. 4.6. Representative PCH data and fitting curves of uPAR embedded
in a polymer-tethered lipid bilayer containing binary DOPC-CHOL lipid
mixtures of 0 (left), 15 (center), and 35mol% (right). In each case, uPAR
results are shown for three different situations: (1) uPAR without ligands,
(2) uPAR + uPA, and uPAR + VN [195].
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Fig. 4.7. Fraction of dimers, Xdimer, of uPAR, uPAR + uPA, and uPAR
+ VN in Type I lipid mixtures. The statistically significant Xdimer data
(ANOVA test: p < 0.005) show that uPA suppresses uPAR dimerization
(left), whereas VN has the opposite effect (right). Variation in CHOL con-
tents has no notable impact on the dimerization levels of uPAR. Presented
Xdimer values are obtained from six bilayers (ten spots each bilayer). Er-
ror bars illustrate standard deviations. ANOVA test was conducted with 3
data sets of 10 PCH readings per data set [195].
Together, our model membrane results indicate that uPAR dimerization is not directly
linked to the membrane CHOL level. These results are in good agreement with corre-
sponding results on uPAR in cell membranes, which showed that lower CHOL content in
the plasma membrane does not alter dimerization of GPI-anchored uPAR and raftphobic
transmembrane uPAR chimeras, indicating that uPAR dimerization is independent of both
the GPI motif of the protein and CHOL content. [157]
4.1.3 Evaluating Influence of Native Ligands and CHOL content on uPAR Oligomer-
ization and Sequestration in Type II lipid bilayers
To explore the mechanisms that drive GPI-AP association with lipid rafts, oligomer-
ization and sequestration of uPAR were investigated using Type II lipid bilayers with co-
existing lo and ld domains. Specifically, the oligomerization and sequestration of uPAR
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were first investigated in DOPC/DPPC/CHOL lipid mixtures with 5mol% lipopolymer in
the bottom leaflet. In each imaging experiment, ∼ 10–3mol% uPAR were incorporated
into the bilayer system. As mentioned in the previous chapter, NBD-DHPE was applied
Fig. 4.8. Representative CS-XY scans (raw data) of uPAR distribution
in a polymer-tethered lipid bilayers with coexisting lo and ld domains
(33mol% CHOL, left) before (A, C, E, and G) and upon addition of the lig-
ands uPA (B and D) and VN (F and H). The lo and ld lipid phase separation
is illustrated through NBD-PE (top row: A, B, E, and F) and uPAR distri-
bution is monitored using Alexa-555 (bottom row: C, D, G, and H). I and J,
represent Eraft values (t-test: p < 0.01) of uPAR (without ligands), uPAR
+ uPA, and uPAR+ VN in Type II lipid mixtures with 33mol% CHOL
(I) and 28mol% CHOL(J). Box size 10 × 10m2. Eraft data for each lig-
and exposure state in I and J is based on four bilayers (five readings per
bilayer). Error bars represent corresponding standard deviations. t-test
was conducted with two data sets consisting of 10 Eraft readings per data
set [195].
as an illustrator of the lo-ld lipid phase separation, while uPAR sequestration was revealed
through Alexa-555 tagged anti-DDK antibody. Fig. 4.8 presents results of the uPAR se-
questration in the 1:1:1 lipid mixtures acquired through the NBD (lipid distribution) and
Alexa-555 (uPAR distribution) channels. In this case, Eraft values were determined for
uPAR, uPAR+uPA, uPAR+VN. As illustrated by the CS-XY scans (A-H), the uPAR dis-
tribution is in good correlation to the NBD-DHPE distribution indicating lo-ld phase sep-
aration. Because NBD-DHPE shows a higher affinity for the raft-mimicking lo phase, the
colocalization of Alexa555 channel data demonstrates that uPAR, as GPI-AP, also exhibits
a high lo affinity. This raftophilic property of GPI-AP is not only well documented through
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cellular membrane studies [17, 119] but also confirmed in the studies on model membrane
studies with coexisting lo-ld domains [50]. As indicated through CS-XY scans of uPAR dis-
tribution shown in Fig. 4.8.C, D, G, H, which was quantified using Eraft values present in
Fig. 4.8.I, addition of uPA decreases uPAR raft affinity, while VN-binding promotes uPAR
recruitment toward the raft-mimicking lo phase. These ligand-induced effects on uPAR
raft-sequestration are intriguing in light of the observed impact of uPA and VN on uPAR
dimerization in DOPC and CHOL mixtures, suggesting a link between ligand-mediated
regulation of uPAR dimerization and sequestration in raft-mimicking lipid mixtures.
Fig. 4.9. Influence of uPA and VN on Xdimer in Type II lipid bilayers with
28 and 33mol% CHOL. In agreement with the Xdimer results in Type I
lipid bilayers, both ligands alter Xdimer (ANOVA test p¡0.01) in a qualita-
tively different manner. No measurable difference in uPAR dimerization
is observed in lo and ld phases. Furthermore, CHOL level in Type II lipid
bilayers does not influence uPAR dimerization levels [195].
To further analyze the link between ligand binding, dimerization, and lipid environ-
ment, we next pursued the domain specific analysis of laterally mobile uPAR receptors in
polymer-tethered lipid bilayers. In this case, Type II bilayers with 28mol% CHOL were
investigated to determine uPAR sequestration (Eraft value presented in Fig 4.8J) and dimer-
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ization (Fig. 4.9). Fig. 4.9 shows representative Xdimer data, which confirms that uPA
and VN influence uPAR dimerization levels in a significant manner. As described before
in Type I bilayers, uPA significantly depleted uPAR dimer formation, but greatly enhanced
uPAR dimerization was seen upon the addition of VN. Notably, these ligand-induced ef-
fects are seen in both lo and ld phases regardless of CHOL level in the membrane.
The Xdimer results from Type II bilayers are in good agreement with those from Type
I bilayers, where uPAR dimerization level is independent of CHOL content in the bilayer.
Our results based on Type II bilayers do not support a mechanism, in which receptor se-
questration is entirely regulated by the receptor dimerization level. Instead, the Eraft and
Xdimer data in Figs. 4.8 and 4.9, respectively, suggest that other contributing factors may be
involved in the regulation of uPAR sequestration in coexisting lo-ld domains. Indeed, as il-
lustrated in Fig 4.10, uPAR exhibits moderate differences in raft affinity in Type II bilayers
(Fig. 4.10.A) containing different CHOL levels (28, 33, 37mol%), while Xdimer values stay
relatively constant (Fig. 4.10.B). This finding suggests a potential role of CHOL-induced
lipid packing density variation in lo and ld domains in uPAR raft sequestration. However,
such potential effects of CHOL-induced change in uPAR sequestration is not statistically
significant based on our experimental assay. Further experiments with other lipid mixtures
are required to verify this observation.
4.1.4 Investigating Impact of Bilayer Asymmetry on uPAR Sequestration and Oligomer-
ization in Type III Lipid Bilayers
One important feature of the plasma membrane of eukaryotic cells is the asymmetric
distribution of lipids and membrane proteins between each leaflet. One consequence of
such an asymmetry is the higher possibility for lipid rafts to assemble in the exoplasmic
leaflet of the membrane [13]. However, characterization of such asymmetric structures
on membrane protein sequestration is quite limited, due to the complexity of the plasma
membrane and the transient nature of raft structures therein. To investigate the influence of
73
Fig. 4.10. uPAR dimerization and sequestration in Type II lipid bilayers
with 28, 33, and 37 mol% CHOL. In agreement with the Xdimer results
in Type I lipid bilayers, no measurable difference in uPAR dimerization is
observed in lo and ld phases. Furthermore, adjustment of CHOL level in
Type II lipid bilayers does not influence uPAR dimerization levels. How-
ever, uPAR raft affinity slightly changes in Type II bilayers of different
membrane CHOL level.
bilayer asymmetry on uPAR sequestration and oligomerization, Type III lipid bilayers with
lo and ld phase separation in the LS leaflet were used.
Type III bilayers were fabricated according to the description in section 3.2.1, followed
by the identical reconstitution procedure of uPAR. As illustrated in Fig. 4.11, uPAR raft
affinity is comparable in both Type II and Type III lipid bilayers (Fig. 4.11.A-E). Resulting
Eraft values indicate a slightly lower raft affinity of uPAR in Type III bilayers, but the results
are within the experimental error. Moreover, Xdimer values of uPAR were calculated in
Type III lipid bilayers.Here we discovered that dimerization values of uPAR reconstituted
in a Type III bilayer were slightly lower in both lo and ld phases of Type III lipid bilayers,
relative to Type II bilayers. Although this effect was moderate compared to that of ligand
binding (uPA and VN) shown in Fig. 4.11.
Our previous research has demonstrated that Type II and Type III bilayers show differ-
ent characteristics in regards to lipid packing and hydrophobic thickness [55]. In particular,
Type III bilayers exhibit lower lipid packing compared to Type II lipid bilayers. Moreover,
the differences in the hydrophobic thickness between lo and ld domains in Type II bilayers
are about 3.5 A˚ larger compared to the hydrophobic thickness of Type III bilayers [208].
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Fig. 4.11. Representative CS-XY scan of uPAR distribution in Type II (A,
B) and Type III (C, D, E) lipid bilayers. In Type III lipid bilayers, lo-ld
phase separation in LS monolayer was confirmed with NBD-DHPE (C),
while homogeneous lipid distribution in the LB monolayer was verified
by DiD-DHPE distribution (E). uPAR distribution in the Type III bilayer
was determined through Alexa-555 channel (D) and quantified through
Eraft analysis (F). The corresponding Xdimer values are illustrated in (G).
Error bars show corresponding standard deviations from 4 bilayers. Each
bilayer was read at 5 different positions for Eraft values, and 20 reads were
conducted for PCH data sets to calculate Xdimer.
As a consequence, in our previous experiments, bilayer asymmetry was found to have a
profound influence on the sequestration of transmembrane integrin [55]. In contrast, GPI-
anchored uPAR exhibits almost identical sequestration and oligomerization properties in
the two types of raft-mimicking bilayers, indicating that bilayer asymmetry may play a less
significant role in the sequestration of GPI-AP, such as uPAR, similarly, bilayer asymmetry
as a limited impact on the lo-ld sequestration of dye-labeled lipids like TRITC-DHPE [55].
In summary, our data showed GPI-anchored uPAR is preferentially located at raft-
mimicking lo domains in both Type II and Type III lipid bilayers. While lipid environment
changes introduced by alternating CHOL content and bilayer asymmetry do not have a sig-
nificant impact on uPAR dimerization and sequestration, exposure to natural ligands has a
profound influence on uPAR oligomerization regardless of the lipid environment. More-
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over, this ligand-induced change in uPAR oligomerization potentially influences uPAR raft
sequestration properties. Our results, which are in good agreement with previous findings
from cellular experiments [32, 157], demonstrate that polymer-tethered lipid bilayers work
as a good mimetic system for the investigation of GPI-AP sequestration and oligomer-
ization. Additionally, our results revealed that binding native ligands, rather than CHOL
content variation, significantly influences the dimerization and sequestration of uPAR, in-
dicating their important role in the sequestration of GPI-AP.
4.2 Analyzing Influence of CHOL on Integrin Sequestration
Integrins are a family of transmembrane proteins that are usually organized as non-
covalently associated heterodimers containing α and β subunits [209]. They are not only
important cell adhesion receptors that mediate cell-cell adhesion and cell-ECM interaction,
but also act as crucial signaling proteins that are involved in both inside-out and outside-in
signaling [210, 211]. Moreover, the function of integrin is considered an essential regula-
tory factor during cancer progress and stem cell behavior [212]. Recent advances in elec-
tron microscopy and crystallography have provided crucial insight into integrin-mediated
signaling [209]. In specific, it is generally believed that integrin undergoes a conforma-
tional transition from a bent structure to an upright conformation upon ligand-induced
activation [213], which alters the secondary structure of integrin both at the ectodomain
interface and transmembrane domain.
In the previous section, we established a ligand-dominated mechanism in regulating
GPI-AP oligomerization and sequestration. According to lipid raft hypothesis, lipid het-
erogeneities may have distinct impact on the processes of transmembrane protein sorting
and the sorting of lipid-anchored membrane protein [7, 14, 214]. In fact, previous work
in our group demonstrated differences of integrin sequestration in Type II bilayers with
bilayer spanning lo-ld phase separation [54] ,and Type III bilayers which only show lo-
ld phase separation in the LS leaflet [55]. These results suggest the importance of lipid
environment on the sequestration of transmembrane integrins. Importantly, cellular ex-
76
periments indicated that integrin function is closely associated with lipid rafts [121, 215].
Moreover, CHOL depletion assays have indicated that CHOL is an essential regulatory
factor in functionally important integrin clustering [19, 33], and cellular experiments has
shown that integrin clusters at cellular FAs are dependent on the structure of lipid rafts
and that FAs are enriched in CHOL [19, 34]. Regardless of these interesting observations,
the role of membrane CHOL level in the regulation of integrin sequestration and recruit-
ment processes during raft-mediated integrin adhesion and signaling is still elusive. For
example, arguments still exist on whether integrin sorting and clustering are majorly due to
biophysical regulation of membrane structure or biochemical processes including ligands
and adapter proteins [216, 217].
To investigate the influence of CHOL on integrin oligomerization and sequestration,
we applied Type II raft-mimicking bilayers with well-defined lipid composition. Specifi-
cally, we systematically changed the CHOL level in the model membrane and studied the
sequestration and oligomerization of reconstituted integrin αvβ3 in lipid bilayers exhibiting
coexisting lo ld domains. In addition, the native ligand, vitronectin (VN), was added to
reveal integrin sequestration in its activated state.
4.2.1 Investigating Influence of CHOL Concentration on Lipid Packing in Raft-
Mimicking Lipid Mixtures
As mentioned in chapter 2, one of the fascinating features of applying saturated lipid/
unsaturated lipid/CHOL mixtures as a raft-mimicking model system is attributed to the
well defined lipid mixing behavior in such model systems. For instance, the miscibil-
ity transition temperatures can be measured as a function of lipid composition [46, 218].
Therefore, reconstituted membrane protein distribution and dynamics can be correlated to
the physical properties of the bilayer, including line tension, lipid packing and hydrophobic
thickness [51, 218].
To enable experiments on protein behavior in raft-mimicking model lipid mixtures of
varying CHOL concentration, we used Type II lipid bilayers with equimolar amounts of
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DOPC/DPPC and variable CHOL content. Previously, Veatch and Keller established a
phase diagram of the DOPC/DPPC/CHOL in GUV systems and the influence of different
temperatures therein (Fig. 4.12). Based on this information, we identified the phase bound-
ary of lo-ld coexistence phase region at 25◦C (illustrated as black dash curve in Fig. 4.12),
representative Type III bilayer, and fabricated Type II bilayers with five different compo-
sitions exhibiting lo-ld phase separation (A-E). In addition, bilayers containing 40mol%
CHOL (F) were applied to verify the phase boundary between ld phase and lo-ld two phase
coexistence region.
Fig. 4.12. Phase diagram of DOPC/DPPC/CHOL lipid mixtures adapted
from Veatch et.al. [46]. Colored area indicates lo-ld coexistence phase at
different lipid concentrations. Black dashed curve indicates phase bound-
ary at 25C while points A-E indicate composition used in this research
with the CHOL content of 25, 28, 33, 35, 37 mol% with DOPC and DPPC
at the same ratio. 40mol% of CHOL was also applied to verify the phase
boundary.
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Upon fabrication of lipid bilayers, lipid phase separation was first examined using an
EPI fluorescent microscope. In specific, NBD-PE was applied as a probe to visualize lo-ld
phase separations. As illustrated in Fig. 4.13, the heterogeneous distribution of NBD-
DHPE observed in bilayers containing 25, 28, 33, 35, 37 mol% CHOL indicates lo-ld
phase separation at these compositions, where enrichment of NBD-DHPE (bright phases
in EPI image) shows the raft-mimicking lo phase. As predicted by the ternary phase di-
agram of DOPC/DPPC/CHOL (Fig. 4.12), bilayers containing 40 mol% CHOL exhibit a
homogenous distribution of NBD-PE, suggesting the presence of a single ld phase. This
result indicates the similarity of the lipid mixing behavior in a GUV system compared to
polymer-tethered lipid bilayers. Fig. 4.13 illustrates an increase in the total area of lo
domains and distinctive domain sizes in DOPC/DPPC/CHOL mixture of different CHOL
content. This result is plausible because different lipid compositions (Fig. 4.12, A-F) are
located at different tie-lines. Therefore, the line tensions between lo and ld phases at dif-
ferent compositions are distinguishable [218, 219]. Moreover, lipid bilayers containing 25
mol% and 37 mol% CHOL exhibit smaller domain sizes compared to other compositions,
possibly due to the line tension between lo and ld phases decreasing as the composition ap-
proaches the phase boundary, which is in good agreement with previous reports [46, 219].
Fig. 4.13. EPI fluorescent micrographs of lipid phase separation in Type II 
bilayers of different CHOL content. Box size 50μm × 50μm.
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Next, lipid diffusion in the various lipid mixtures was investigated using FCS autocor-
relation analysis. In this case, Type II bilayers comprised of DOPC/DPPC/CHOL mixtures
of varying CHOL content, with 0.001 mol% TRITC-DHPE were fabricated. FCS analyses
and sequential diffusion coefficient calculation were pursued according to the description
in Chapter 3. As illustrated in Fig. 4.14, lipid diffusion slows down with an increasing
amount of CHOL, indicating membrane packing density increases with increasing CHOL
content . Moreover, bilayers with 25 and 37 mol% CHOL showed similar lipid diffusion in
lo and ld phases, indicating similar lipid packing in lo and ld phases at these compositions.
This analysis also showed that the difference of lo and ld lipid diffusion is the largest at 33
mol% of CHOL. These findings suggest that lipid packing characteristics in Type II bilay-
ers differs with CHOL levels in agreement with previously reported data [51]. Moreover,
this difference is in agreement with line tension differences revealed by the phase diagram
and domain morphology.
Fig. 4.14. Domain-specific diffusion coefficients of TRITC-DHPE in Type
II lipid bilayers with varying CHOL content. Error bars indicate standard
deviation from diffusion coefficient, data obtained from 6 different bilay-
ers.
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4.2.2 Examining Integrin Sequestration and Oligomerization in Raft - Mimicking
Lipid Mixtures with Different CHOL levels
To evaluate the influence of CHOL on integrin sequestration, we reconstituted integrin
αvβ3 into Type II bilayers containing 25, 28, 33, 35, and 37 mol% of CHOL. Integrin
distribution was observed using Alexa-555 labeled anti-β3 MAb, while lipid distribution
was visualized using NBD-DHPE. Integrin distribution was analyzed with and without
native ligand, vitronectin (VN). As illustrated in Fig. 4.15 integrin in its inactive state
has a preference to reside in the ld phase, especially in bilayers containing 33mol% of
CHOL, in good agreement with our previous findings [54, 55]. However, this raftophobic
behavior becomes less pronounced in bilayers with 25mol% and 37mol% CHOL. In fact,
quantitative Eraft values indicate that integrin αvβ3 has almost no preference to the ld phase
under these two conditions. On the other hand, VN binding assists the redistribution of
integrins to the raft-mimicking lo phases. This ligand-induced integrin translocation could
be seen as a consequence of a structural change in the transmembrane region upon integrin
activation [54]. Again, integrins did not show a significant difference in preference to the
lo phase in bilayers containing 25mol% and 37mol% CHOL.
Fig. 4.15. Representative CS-XY scans of integrin and lipid sequestration
before (left) and after (middle) VN addition in Type II bilayers with 25
(D,J) ,33 (E,K), and 37 (F,L) mol% of CHOL. Lipid phase separations are
visualized by NBD-PE, presented in the top row, while integrin sequestra-
tion were observed through Alexa-555, presented in the bottom row. (Box
sizes: 10× 10μm2). Corresponding Eraft values are presented in M. Error
bars represent standard deviation from 6 bilayers at each concentration.
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Next, we analyzed integrin oligomerization states in bilayers with different CHOL con-
tent. As illustrated by Fig. 4.16, Xdimer values obtained from PCH analysis indicated
that integrins remain mostly monomeric. Furthermore, neither changes in CHOL content
nor exposure to VN have a significant influence on integrin dimerization. Together, Eraft
Fig. 4.16. Xdimer values of integrin αvβ3 in Type II bilayers containing
different level of CHOL. Xdimer values of integrin samples with and with-
out VN addition are calculated from FCS raw data (A) and PCH curves
(B). Error bars indicate standard deviation of Xdimer values obtained from
4 different bilayers under each condition.
and Xdimer data in Fig 4.15 and Fig. 4.16 demonstrate that there is no significant corre-
lation between CHOL level and oligomerization states of integrin. Additionally, integrin
oligomerization and sequestration are not related to the CHOL level in our model mem-
branes.
Results in section 4.1 indicate that sequestration of GPI- anchored uPAR is not signifi-
cantly influenced by cholesterol content in the membrane. To quantify the different impacts
of CHOL content on the sequestration of GPI-anchored uPAR (presented in section 4.1) and
transmembrane integrin, we compared the Eraft values of uPAR and integrin αvβ3 in Type
II bilayers with 37mol% and 33mol% CHOL and determined the net translocation of both
uPAR and integrin αvβ3using the following expression:
Xmigrate =
∣∣∣∣Eraft(33mol%CHOL) – Eraft(37mol%CHOL)2
∣∣∣∣ (4.1)
As illustrated by Fig. 4.17, the impact of CHOL level on the sequestration of transmem-
brane integrin αvβ3 and GPI-anchored uPAR in Type II lipid bilayers is distinguishable.
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Fig. 4.17. Xmigrate values of integrin αvβ3 and uPAR.
While 19% of integrins altered their phase preference upon CHOL concentration change,
less than 7% of uPAR translocated to the other phase in the same lipid mixtures. These find-
ings indicate that transmembrane proteins are more sensitive to a change of CHOL level in
the lipid bilayer than GPI-APs. This result indicates an important role of CHOL-induced
hydrophobic mismatch in the sorting of transmembrane proteins, whereas the relocation of
GPI-AP between lo and ld phases can only be induced by changes in lipid packing.
In this section, we revealed the important role of CHOL in regulating integrin seques-
tration without perturbing its oligomerization states. In contrast to results on GPI-anchored
uPAR, these results indicated a distinctive role for CHOL in integrin sequestration. To-
gether, these findings highlight the critical role of CHOL in transmembrane protein sort-
ing through purely biophysical proccesses. These findings also illustrate the potentially
important role of CHOL in integrin-mediated signaling. Abnormal CHOL levels in the
plasma membrane are related to several diseases, such as Alzheimers disease and cancer,
and several raft-associated membrane proteins have been identified as important therapeu-
tic targets [12]. Our platform is not limited to uPAR and integrin but also could be applied
to other membrane proteins and protein complexes. Furthermore, gaining a better under-
standing of the biophysical role of CHOL in membrane protein dynamics, distribution and
sequestration would be beneficial for the development of new therapeutic strategies.
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4.3 Examining Complex Formation Between Integrin α5β1 and GM3 in Model Mem-
brane Mixtures
Gangliosides, subspecies of glycolsphingolipids (GSLs), are known to reside in the
outer leaflet of the plasma membrane [5] and are considered as important marks of lipid
rafts [7, 10, 12, 23]. Additionally, ganliosides may act as important regulatory factors of
several membrane proteins. Prominent examples of such as a ganglioside function in-
clude human epidermal growth factor receptor (EGFR) [220], G protein coupled receptor
(GPCR) [221], prion protein [222], and integrin [137]. Previously, direct interaction be-
tween gangliosides and membrane proteins has been demonstrated through a CHOL deple-
tion assay [39] and single molecule tracking [26], suggesting its importance in regulation
of membrane protein distribution and function in the plasma membrane.
Exemplary, complex formation between integrin and GSLs might potentially play an
important role in physiological and pathological pathways. For example, GSL clusters at
the cell surface interact with integrins during formation of glycosynaptic domains [223],
causing the GSL-dependent regulation of cell adhesion, growth, and motility. Similarly,
GM3/ tetrasoanins/ CD9 complexes interact with integrins, thereby controlling tumor cell
phenotype and its reversion to normal cell phenotype [137]. Intriguingly, a previously ap-
plied CHOL depletion assay confirmed the CHOL-dependent direct interaction between
GM3 and integrin α5β1, which potentially leads to a lower affinity of integrin α5β1 to
its ECM ligand, fibronectin [39]. This result provides important insights on the potential
GM3-integrin complex in regulating integrin functionality. However, due to the limitations
of CHOL and sphingolipid depletion assays in cellular experiments, the potential role of
gangliosides in integrin sequestration and clustering remains poorly understood. To over-
come these challenges, here we apply a polymer-tethered lipid bilayer as model membrane
platform to investigate the complexation between GM3 and integrin. In specific, the poten-
tial role of GM3 in integrin oligomerization and raft-sequestration in a model membrane
environment will be discussed.
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4.3.1 Examining Influence of GM3 on Integrin Oligomerization in Type I bilayers
First, the influence of GM3 on integrin oligomerization was investigated in Type I lipid
bilayers. Here, integrin α5β1 was reconstituted in Type I lipid bilayers and tagged with
Alexa555 labelled anti-β1 MAb. Following the initial FCS data acquisition of fluorescent-
tagged integrins in the bilayer, GM3 was reconstituted at a 1:1 ratio relative to α5β1 into
the membrane using a formulation with the same amount of OG, as employed during in-
tegrin reconstitution. Next, the extra OG was removed by extensive rinsing and confocal
fluorescence readings of labeled integrins were taken again.
Fig. 4.18. Representative PCH curves of integrin α5β1 labelled with Alexa
555-tagged MAb in type I bilayers without CHOL (A), 10mol% CHOL
(B), and 20mol% CHOL (C), before (orange) and after (grey) GM3 addi-
tion to the bilayer. The PCH curve for α5β1 showed distinctive differences
before and after GM3 addition in bilayers without CHOL (A). Resulting
Xdimer values showed elevated dimerization upon GM3 addition in CHOL
free bilayer, while this effect is less significant in CHOL-containing bilay-
ers.
As illustrated in Fig. 4.18.A, the PCH curve of integrin α5β1 in CHOL free bilayers
exhibits distinctive differences upon GM3 reconstitution. However, in bilayers containing
10mol% and 20mol% CHOL, this GM3-induced change in PCH curves is less obvious.
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Resulting Xdimer values support this observation of the PCH curves. Particularly, Xdimer
values of reconstituted integrin α5β1 in the CHOL-free bilayer increased upon GM3 addi-
tion. While in CHOL containing bilayers, Xdimer values of integrin α5β1 do not exhibit
obvious difference upon GM3 addition. Note that, in this experiment, which is based on
FCS time-intensity-trace analysis, only relatively small clusters could be tracked and quan-
tified. Therefore, we can not exclude the possible formation of larger scale integrin clusters
using PCH analysis.
It is well known that during cell migration, integrin clustering is one of the major fea-
tures during focal adhesion formation [163,168]. This clustering process, is partially regu-
lated by CHOL and sphingolipid content as these molecules regulate the lipid environment
in the plasmamembrane [224, 225]. However, such a regulation mechanism based on a
changing lipid environment is not applicable in our experimental assay where GM3 was
added at 1:1 ratio to integrin α5β1, resulting in a concerntration of GM3in the lipid bilayer
of 0.001mol% of the total lipid population. As a consequence, the influence of GM3 on the
physical properties of lipid bilayers is negligible. Therefore, elevated integrin dimeriza-
tion levels upon GM3 reconstitution observed in the DOPC only bilayer suggests potential
complex formation between GM3 and integrin α5β1.
There have been arguments on whether GM3 is able to form complexes with integrin
α5β1 under physiological conditions. For example, Wang et.al [226] investigated complex
formation between gangliosides and integrin α5β1 and claimed no complexes were found
between GM3 and integrin α5β1 using coimmunoprecipitate from lysed cells. On the other
hand, Gopalakrishna et al. reported the fomation of complexes between GM3 and integrin
α5β1 using a live cell fluorescent assay and confirmed the important role of membrane
CHOL level in such a complex formation [39]. Our model membrane study supports the
results by Gopalakrishna et al. Nevertheless, the distinct role of ECM ligands and GM3
in integrin oligomeriztion suggested a different ligand-binding mechanism. Such a GM3-
specific mechanism is indeed supported by findings, which indicate that gangliosides form
complexes with integrin through carbohydrate-carbohydrate interaction [226].
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Similar GM3-induced membrane protein clustering effects are also seen during gly-
cosynapse formation where N-glycosylated integrins are able to associate with carbon-
hydrate chains of GSLs [37]. Interestingly, the formed glycosynapse was found to be
CHOL free [37]. This is in good agreement with our findings that GSLs induces inte-
grin oligomerization only in the CHOL-free bilayers. Previous experiments showed that
the GM3 and α5β1 are not strongly associated, while changing in CHOL content leads to
the redistribution of GM3-associated and GM3-free α5β1 [39]. In addition, it has been in-
dicated that GM3 binding site of integrins transfer from the α subunit to the β subunit upon
CHOL addition [39]. Moreover, recent findings on GM1 suggest that membrane CHOL
triggers conformational change of the ganglioside head group of the glycolipid, causing
a switch from an upright structure of ganglioside to an ”umbrella” structure [227]. Such
CHOL-mediated structural change could provide a potential explanation to understand the
observed influence of CHOL in the GM3 induced oligomerizationof integrin. Interestingly,
this GM3-induced oligomerization effect is not limited in to GM3-integrin complex, but has
also been observed in the processes of complexation between GM3 and other membrane
proteins such as GPI-AP [26]. Additionally, recent research indicated that GM3 is able to
regulate EGFR function by promoting active dimer formation in through complex forma-
tion [220]. All these reports suggest a mechanism in which GM3 influences membrane
protein fucntion by regulating receptor oligomerization in the membrane.
4.3.2 Probing Influence of GM3 on Integrin Sequestration in Type II Lipid Bilayers
As observed in the previous section, GM3 addition increases integrin dimerization level
under conditions where no CHOL is present in the membrane, this effect is not obvious in
CHOL-containing bilayers. Moreover, gangliosides, such as GM3, are known to prefer
lipid rafts, and were treated as important biological markers for lipid rafts in cellular mem-
brane, whereas integrins in their inactivate state, are raftophobic. In the current work,
we hypothesized that GM3-α5β1 complexation is associated with a net translocation of
complexed integrins to the raft-mimicking lophases. to confirm that integrin α5β1 forms
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complex in the membrane with CHOL and to confirm the influence of GM3 in integrin
sequestration, Type II bilayers with DOPC/DPPC/CHOL at 1:1:1 molar ratio were applied.
In specific, integrin α5β1 reconstituted into raft-mimicking type II bilayers was labelled us-
ing Alexa 555 tagged anti-β1 MAb and the istribution of integrin α5β1 was recorded before
(Fig. 4.19.A.B) and after (Fig. 4.19.C.D) GM3 reconstitution. As illustrated in Fig.4.19
integrin α5β1 showed a substantial translocation to raft-mimicking lo phases upon GM3 ad-
dition. This net translocation could be quantified using Eraft analyses (Fig. 4.19.E). Again,
in this experiment, integrin and GM3 were reconstituted at a molar ratio of 1:1. Therefore,
GM3 will not induce any modification in lipid mixing and the raft-recruitment effect of
GM3 on integrin can be attributed to the direct intaction between integrin and GM3.
Fig. 4.19. Representative CS-XY scans of integrin α5β1 before (A, B)
and after reconstitution of GM3 in the membrane (C, D). Specifically, the
lipid distribution is indicated through NBD-PE, while the integrin α5β1
illustrated through the Alexa-555 channel. Upon GM3 addition, integrin 
α5β1 were translocated from ld phase (B) to lo phase (D) as quantitively 
confirmed through Eraft analysis (E). Box size 10 × 10μm2.
Both ganglioside and CHOL are important membrane lipid components that may play
crucial roles in the regulation membrane protein function. This functional relationship is
illustrated by the observation that decrease in ganglioside levels is not only associated with
certain pathological conditions during disease development including cystic fibrosis [228]
and Parkinsons disease [229], but also induces abnormal protein function [230, 231]. Sim-
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ilarly, it has been shown that reduced levels of GM1 result in the decrease of β1 integrin
signaling during cystic fibrosis [228]. These observations illustrate the importance of gan-
gliosides as membrane-associated ligands that modulate membrane protein functionality.
In this section, through a model membrane approach, we have shown that GM3 func-
tions as a membrane-associated ligand to integrin at low concentrations. This complexation
further influences integrin oligomerization, which is affected by CHOL levels in the mem-
brane. Moreover, our experiment demonstrated that the process of complex formation as-
sists the translocation of integrin from ld phase to lo phase. Our experiments are significant
because they provide important insights into the role of gangliosides in regulating mem-
brane protein function. Additionally, this work has shown that the polymer-tethered mem-
brane comprised of raft-mimicking lipid mixtures is well suited as a powerful experimental
platform for the analysis of membrane protein- ganglioside complexes in well-defined lipid
environments.
4.4 Probing uPAR-Integrin Complex Formation in Model Membrane Mixtures
As a GPI-AP, uPAR does not have an cytosolic domain. Yet, it controls several im-
portant signal pathways and transfers signals from the external environment to the interior
region of cells [27, 28]. It is widely accepted that uPAR laterally interact with other mem-
brane receptors to fulfill the processes of uPAR mediated signal transduction. In fact, an
increasing number of receptors has been identified, which are members of the uPAR inter-
actome. This uPAR interactome includes 42 proteins that directly interact with uPAR, with
members from G protein-coupled receptors, receptor tyrosine kinases, and integrins [171].
Among which, uPAR can form complexes with VN receptors, like αvβ6 and αvβ3 [232],
and is able to trigger the activation processes of other signal pathways such as FAK and
ERK/MAPK pathway [233], and Rac pathway [234]. Direct interaction between uPAR
and integrin has also been observed for both GPI-anchored uPAR and soluble uPAR [35].
The process of uPAR-integrin complexation is also considered to mediate cancer cell mi-
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gration, highlighting the significance of cell-cell interaction as important promoting factor
of tumor progression and metastasis [232].
Fig. 4.20. Schematic of uPAR and integrinαvβ3 in the membrane, where
uPAR is located in raft-mimicking lo phase illustrated as grey blocks,
while integrin in is inactive state prefers ld phase. The protein crystal
structures are adapted from [235](integrinαvβ3) and (uPAR) [156], The
scale bar were set according to previous description by Tang et.al [236].
Though the complex formation between uPAR-integrin has been extensively studied
[35,232,237,238], little is known about the molecular details of this complexation. Recent
development in proteomics helped to identify the possible binding sites between uPAR and
different integrins, suggesting direct binding between uPAR and integrin is possible [237].
This was also supported by immunoprecipitation results [36], fluorescent colocalization
[239], and FRET experiments [238]. Yet, it remain unclear whether uPAR-integrin complex
formation can occur without adaptor proteins [240]. Intriguingly, it has been suggested
that uPAR-integrin complexation is raft-associated [171]. In addition, the uPAR-dependent
redistribution of integrin α5β1 was shown to be an essential process of the VEGF-induced
endothelial cell migration [172]. Moreover, experimental results from treated cells revealed
membrane tension is functionally involved in the complexation between uPAR and integrin
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[240], indicating a potentially important role of the plasma membrane environment in such
a process.
To overcome the experimental challenge associated with the characteristic of uPAR-
integrin complex formation in plasma membranes, we address this hetero-complex for-
mation between a GPI-AP and a transmembrane protein in a model membrane environ-
ment. In this case, experiments on uPAR-integrin complex formation are investigated us-
ing polymer-tethered lipid biayers containing lipid mixtures exhibit homogeneous ld phase
(Type I) and lo-ld phase coexistance (Type II). The interaction between uPAR and integrin
was investigated from the following three perspectives: (i) changes in raft sequestration
and oligomerization of integrin αvβ3 upon GPI-anchored uPAR addition; (ii) changes in
uPAR oligomerization upon integrin αvβ3 reconstitution; (iii) composition of uPAR- inte-
grin complex and influence of CHOL contents and ligand binding therein.
4.4.1 uPAR-integrin Complex Formation Relocates Integrin αvβ3 into Raft-mimicking
lo Domains in Type II Lipid Bilayers
As mentioned in the previous sections, uPAR, as a GPI-AP, prefers the raft-like lo phase.
In contrast, integrin αvβ3 in its inactive form is a raftophobic transmembrane protein when
inactivated, but favors the raft-mimicking lo phase upon ligand activation. To investigate
the intriguing question of how these two membrane proteins with different preference to
lipid environment might interact with each other, we first reconstituted integrin αvβ3 into
type II lipid bilayers containing a 1:1:1 DOPC/DPPC/CHOL lipid mixture. The distri-
bution of integrin αvβ3 was first observed using Alexa 555-labeled anti-integrin β3 MAb,
(Fig. 4.21.B) while the lipid distribution was illustrated using NBD-PE (Fig. 4.21.A). Fol-
lowing this procedure, uPAR was reconstituted overnight at a 1:1 ratio to integrin αvβ3.
While a control experiment of integrin with overnight incubation at the same level of OG,
without an additional protein, showed no obvious differences in integrin distribution, uPAR
addition, however, significantly influenced the distribution of integrin. As Fig. 4.21.D il-
lustrates, uPAR addition causes the translocation of integrins from the ld to raft-mimicking
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lo phases. This translocation effect was quantitatively confirmed by the accompanying
Eraft analysis (Fig. 4.21.E), Interestingly the effect of uPAR mediated integrin transloca-
tion to raft-like domains was also observed between uPAR and integrin α5β1 in cellular
systems [172].
Fig. 4.21. Representative CS-XY scans (A-E) of integrin distribution in
Type II lipid bilayers. Lipid phase separation is indicated with NBD-
DHPE (A,C) while integrin distribution is illustrated using Alexa 555 la-
beled anti-β3 MAbs (B,D). The CS-XY scans show distinguishable se-
questration of integrin αvβ3 before and after uPAR addition (B,D). Re-
sulting Eraft values confirmed integrin relocation from ld phases to raft-
mimicking lo phases. Error bars represent standard deviation obtained
from three different bilayers, five random spots were considered at each
bilayer.
Previous research has indicated that soluble uPAR interacts with integrin β1 and β3 in
a similar way as the interaction between integrin and its soluble ligands such as vascu-
lar cellular adhesion molecule-1 (VCAM-1) [35] that results in a raftphilic activated form
of integrin [241]. A similar complex was also confirmed to form between GPI-anchored
uPAR and integrin in two adjacent cells and form hetero-junctions [35]. Moreover, the
GPI-anchored uPAR and integrin were proposed through direct interaction between both
membrane proteins [35]. Additionally, the uPAR induced integrin recruitment of lipid rafts
has also been confirmed from a CHOL depletion assay in the presence of uPAR and integrin
α5β1 [38]. Structural analysis of integrins using crystallography and electron microscopy
has identified the head groups at the N-terminal domain as the major ligand-binding region
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of the integrin receptor. It is well established that the N-terminal domain of the α subunit
of integrin forms a seven-bladed β propeller,which includes a loop that can interact with
uPAR [216]. Moreover, it has been suggested that the head groups at the α and β subunit
of the respective integrin have to dissociate to open up the interacting loop for uPAR asso-
ciation [216, 239]. Notably, this structural change has profound influence on the structure
of the transmembrane region of integrins. In that case, the structure of the transmembrane
region is altered to a high-affinity conformation, where the length of the transmembrane
region is increased [217]. These findings provide, at least in part, a good explanation for
the translocation of integrin to the lo phase by applying hydrophobic matching arguments.
We further analyzed the oligomerization of integrin reconstituted in Type II bilayers
through PCH analysis. As indicated by Fig. 4.22, integrin reconstituted into such a bilayer
system was mostly monomeric with an initial Xdimer ∼0.13 in both lo and ld phases. The
Fig. 4.22. Representative PCH curves of integrin αvβ3 before and after
uPAR reconstitution in Type II lipid bilayer (A,B) and the resulting Xdimer
of integrin in lo and ld phases (C). The addition of uPAR decreases the
dimerization level of integrin in lo phase, whereas the dimerization level
in the ld phase remains largely unchanged. These results illustrate the po-
tential role of membrane composition in uPAR-induced change in integrin
oligomerization.
subsequential reconstitution of uPAR lowered the level of dimerization of integrins espe-
cially in the lo phases (ANOVA test p < 0.005) whereas the dimerization level in ld phases
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remained largely unchanged. These results indicate a potential role of membrane organi-
zation including CHOL content in the uPAR-induced change in integrin oligomerization,
highlighting the potential significance of bilayer composition in uPAR-integrin complex
formation.
4.4.2 Investigating uPAR oligomerization upon uPAR-Integrin αvβ3 Complexation
and Its Dependence on CHOL
To investigate the influence of uPAR-integrin complex formation on uPAR oligomer-
ization, we first reconstituted uPAR into Type I lipid bilayers. Here uPAR was labeled
with Alexa-555 tagged anti-DDK MAb at the C-terminal. Following sample analysis and
data collection, integrin was reconstituted at the equimolar ratio (relative to uPAR) into
the same bilayer sample. As illustrated by Fig. 4.23, before integrin reconstitution, uPAR
diffusion was D = 1.47 ± 0.32(μm2/s) which is in good agreement with previously re-
ported values [195]. The addition of integrin lowers the overall uPAR diffusion coefficient
to D = 0.78 ± 0.13(μm2/s), which is close to the previously reported value of integrin
diffusion in a similar system (D = 0.71 ± 0.07μm2/s in DOPC only bilayers) [54]. This
Fig. 4.23. uPAR diffusion coefficient obtained from FCS analysis. uPAR
diffusion slows down upon integrin reconstitution to match the diffusion
of integrin in the bilayer, suggesting a lateral association between uPAR
and integrin αvβ3 in the model membrane environment.
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finding indicates the formation of a laterally organized complex between uPAR and inte-
grin being observed in the bilayer sample. Interestingly, with CHOL addition, both uPAR
diffusion and complex diffusion decrease, presumably due to the CHOL-induced change in
membrane packing density as discussed in section 4.2.2.
It is well known that uPAR achieves its function through the formation of homo-oligomers
[27, 28]. However, little is known about changes in uPAR oligomerization state upon com-
plex formation with other membrane proteins. In fact, this potentially important issue has
Fig. 4.24. uPAR dimerization states in Type I lipid bilayers. uPAR dimer-
ization in the membrane is not influenced by CHOL in the membrane, the
addition of integrin triggers the dimer formation of uPAR in a CHOL de-
pendent way (differences in uPAR dimerization between conditions with
and without existing integrin were verified by ANOVA test p < 0.005,
CHOL dependence was confirmed through t-test until 20mol% of CHOL
p < 0.005) Error bars represent the corresponding standard deviation ob-
tained from 3 different bilayers.
been neglected in hetero-membrane protein complexes containing lipid-anchored mem-
brane proteins, most of which are known to form oligomers during activation. To inves-
tigate uPAR oligomerization upon complex formation, we further analyzed uPAR dimer-
ization upon integrin reconstitution and correlated this property with varying membrane
CHOL content. As illustrated by Fig. 4.24, Xdimer increases upon integrin reconstitution,
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indicating that the uPAR monomer-dimer equilibrium has shifted toward increased dimer
levels.
The influence of uPAR-integrin complexation on uPAR dimerization was also tested in
Type II lipid bilayers. As illustrated in Fig. 4.25, the uPAR dimerization level increases
upon integrin addition, which supports the data shown in Fig. 4.24. Moreover, uPAR
dimerization levels in the ld phase is not substantially changed after integrin addition, while
the dimerization level in the lo phase are significantly increased by about 30% (ANOVA
test p < 0.005). The finding illustrated in Fig. 4.25 is consistent with the data shown
in Fig. 4.22.C where integrin dimerization remained at a similar level in the ld phase
with and without uPAR. Together, this result illustrates that the lipid environment may
have a significant influence on the composition of uPAR-integrin complexes in a model
membrane.
Fig. 4.25. uPAR dimerization states in Type II lipid bilayers with (shown
in orange) and without (black) integrin reconstituted. Similar to dimeriza-
tion levels of integrin in the same system, uPAR dimerization levels are not
significantly changed upon addition of integrin in the ld phase. However,
in lo phase, the dimer level of uPAR increases significantly when integrin
is also present in the membrane.
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4.4.3 Investigating uPAR-Integrin Complexes Through Dual-color Fluorescent As-
say in Type I Bilayers
The single color fluorescent assays described in the previous section are limited in their
ability to unambiguously confirm the formation of uPAR-integrin complexes and to deter-
mine the composition of such membrane protein hetero-complexes. Therefore, the uPAR-
integrin complex is further analyzed using a dual-color fluorescent assay . In this case,
equal moles of uPAR and integrin were simultaneously reconstituted into a Type I lipid
bilayer. Next, uPAR was labeled with Alexa-555-tagged anti-DDK MAb, while integrin
αvβ3 was labeled with anti-integrin β3 MAb tagged with Alexa-488. This antibody binds
integrin at the N-terminal of the β3 subunit without binding the proposed ligand binding or
uPAR binding amino acid sequences nor inducing structure change of the integrin. Follow-
ing membrane protein reconstitution and labeling, FCS intensity-time-traces were recorded
through both Alexa-555 and Alexa-488 channels.
According to the description in chapter 3, the uPAR-integrin complex is clearly iden-
tified through parallel analysis of the intensity-time trace in the two fluorescent channels.
Here protein complexes can be observed when peak signals from both channels are read
out within the same time interval. As illustrated in Fig. 4.26, both uPAR and integrin can
be observed as components of the complex or as individual membrane proteins. Impor-
tantly, peaks associated with complexes can be merged into a new set of time-intensity-
traces, thus enabling PCH analysis from complexes according to the description in chapter
3. Fig. 4.26 shows two sets of typical signals obtained from the dual color labeling assay
of uPAR and integrin αvβ3 in Type I lipid bilayers. In this case, bilayers without CHOL
(left) or with 20mol% CHOL (right) were applied. As indicated from the raw time-trace,
uPAR-integrin complexes are more frequently seen in a CHOL-containing bilayer sample
than its CHOL-free counterpart. The level of complexation can be roughly estimated from
raw data. Overall data based on four different bilayers at each composition indicated that
∼28.5% of the total peaks from Alexa-488 channel (integrin) are identified to be associated
with uPAR-integrin complexes in CHOL-free bilayers, whereas ∼68% of the integrin sig-
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Fig. 4.26. Intensity-vs-time trace of uPAR (labeled by Alexa-555 tagged
MAbs) and integrin αvβ3 (labeled by Alexa-488 tagged MAbs) recon-
stituted in Type I lipid bilayers with (20mol%, right) and without (left)
CHOL. Peaks indicating potential complexes are marked in dashed rect-
angles.
nals are identified to be complex signals in CHOL-containing bilayer samples. Based on
qualitative observation, these findings show that uPAR-integrin complex formation is in-
deed CHOL dependent and more likely to occur in the membrane region of elevated CHOL
level, such as lipid rafts.
Currently existing methods are limited in their ability to determine the composition
of hetero-protein-complexes. One of the most powerful tools is electron microscopy, es-
pecially cyro-EM [242]. However, this methodology has limitations to detect dynamic
complexation processes in a fluid membrane environment [159]. Other methods, such as
NMR and X-ray crystallography, often encounters problems in terms of resolution [159].
Fluorescent-based methods have the advantage that they provide real-time dynamic in-
formation on potential complexes with single molecule sensitivity. Fluorescence cross-
correlation spectroscopy, which defines complex formation through a fluorescent cross-
correlation function of two different species, allows a precise analysis of kinetics during
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dynamic protein assembly, but fails to give information about the composition of the result-
ing protein complexes. Previously, dual-color-2D PCH has been applied to determine the
oligomerization states of two fluorescent species in one system [243]. Although being quite
powerful, this method does not provide complex-specific information. Furthermore, dual-
color 2D PCH usually requires a complicated algorithm to acquire final results. In light of
the described limitations of existing experimental methods, there is currently very limited
information about membrane protein homo-oligomerization within hetero-complexes and
the underlying mechanisms that regulate the composition of such complexes.
To address these shortcomings, here we applied a simplified dual-color fluorescence de-
tection method, which is based on the single-color PCH algorithm to identify the oligomer-
ization states of each component in the uPAR-integrin complex. In contrast to dual-color
PCH, we created new PCH data from signals exclusively from complexes and conducted
PCH analysis through the same deconvolution function as employed in single color PCH.
This approach does not require a complicated algorithm. However, as the single color algo-
rithm does not consider any fluorescence bleeding through from another channel, here we
adjust the intensity of the bleed through to the same level to the other channels background
and ignore the background photon counts during PCH analysis. Another potential effect
is FRET induced enhancement of fluorophore signal, which might influence the resulting
dimerization level data. Here, we chose Alexa-555 and Alexa-488 as fluorescent pairs
based on the sensitivity of the detectors of our optical system. In this case, FRET artifacts
cannot be excluded. To minimize such a potential artifact we used an integrin antibody
that binds at the N-terminal of the receptor, that lies relatively far away from the bilayer
surface upon integrin activation, while the uPAR antibody is linked to the DDK tag next
to the GPI anchor of uPAR. Indeed, unlike a previously reported FRET assay applied for
uPAR-integrin complexes, where both antibodies were near the N-terminal of membrane
proteins [238], in our experimental design the distance between two fluorophores showed a
limited FRET effect (Fig. 4.27). Therefore, the single color PCH analysis approach is still
reasonably precise once the brightness in both fluorescent channels is adjusted according
to the count rates shown in Fig. 4.27.
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Fig. 4.27. Maximum fluorescence intensity of Alexa-488 channel in each
bilayer. Bars from left to right indicate the intensity obtained from Alexa-
488 labelled integrin β3 MAb in solution (left), integrin reconstituted
in bilayer (middle), reconstituted integrin in the uPAR-integrin complex
(right). The drop in maximum intensity of complexed integrin indicates
potential FRET happening during complexation.
The described dual-color fluorescence detection method was applied to determine the
oligomerization states of uPAR and integrin in the complex using single color PCH analy-
sis of complex-specific fluorescence signals (Fig. 4.28). The resulting PCH curves indicate
distinct dimerization levels for uPAR and integrin αvβ3 in the complex. In particular, Xdimer
data show that uPAR exhibits higher levels of dimerization in the complex than outside of
the complex as shown in Fig. 4.24. In the case of integrin, though mostly monomeric pro-
teins are observed in the complex and outside of the complex, albeit Xdimer values suggest
slightly lower dimerization values in the complex (relative to integrin dimerization outside
the complex). Notably, the presence of CHOL enhances the dimerization level of uPAR
in the complex, whereas, according to results described in section 4.1, uPAR dimerization
levels without integrin is largely independent of CHOL content in the membrane. Impor-
tantly, the dual-color results support the CHOL-dependence of uPAR oligomerization upon
uPAR-integrin complex formation observed in the single color labeling assay, where both
complexed and uncomplexed uPAR are considered at the same time. Based on the dimer-
ization level results, we propose a model for this uPAR-integrin complex in which two
uPAR molecules form a complex with one integrin receptor. Intriguingly, this model is
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Fig. 4.28. Typical PCH curves and corresponding fitting for uPAR (A) and
integrin (B) in Type I bilayers with and without CHOL. As indicated by
PCH curves and resulting Xdimer the existence of CHOL promotes dimer-
ization of uPAR in the complex, whereas integrin is mostly monomeric
under each condition. Error bars represent corresponding standard devia-
tion from five bilayers; each bilayer was scanned at ten different positions.
supported by previous proteomic studies which indicate that uPAR binds to integrin pos-
sibly through D2 and D1, whereas, both integrin αv subunit and β3 subunit have possible
binding sites for uPAR D2 [237]. The observed effect of CHOL on the uPAR-integrin
complex can presumably be attributed to the bilayer-thickening effect of CHOL, which
may induce allosteric changes on the intergin receptor, thereby promoting uPAR-integrin
association.
uPAR and its related signal pathways are considered to be limited in normal cell func-
tions, however, in cancer cells, uPAR is expressed at an abnormally high level. Further-
more, uPAR-integrin signaling is considered one of the key mechanisms for tumor invasion
and migration. Moreover, it was confirmed that certain cancer cells contain elevated levels
of CHOL in the plasma membrane [148]. Our data on uPAR-integrin complex formation
and composition, and the corresponding regulatory role of CHOL, may provide significant
mechanistic insights into this pathologically important protein hetero-complex.
Our experiments were not limited to the role of CHOL in uPAR-integrin complex for-
mation, we explored the influence of, VN, a common ligand of uPAR and integrin. In
particular, the influence of VN on uPAR-integrin complexation was determined by analyz-
ing uPAR-dimerization in the complex (Fig. 4.29). Interestingly, the uPAR dimerization
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level increases in CHOL free bilayer upon VN addition, but not in bilayers containing
20mol% CHOL. This suggests that the presence of VN, either through transferring integrin
to its activated state or through promoting uPAR dimer formation, supports the formation
of complexation consisting of an uPAR dimer and an integrin monomer.
Fig. 4.29. Xdimer of uPAR in the uPAR-integrin complex before (orange)
and after (gray) VN addition. The addition of VN promotes dimerization
of uPAR within uPAR-Integrin complexes in CHOL free bilayers. Error
bars of samples with no additional VN represent corresponding standard
deviation from three different bilayers, ten scans were conducted for each
bilayer. Error bars from samples with VN indicate the probability distri-
bution obtained from two bilayers, fifteen scans were conducted for each
bilayer.
By combining single-color FCS, PCH analysis, and CS-XY scans together with dual
color fluorescent signal analysis, we are able to provide valuable insights into the com-
plex formation between uPAR and integrin in a model membrane environment. By em-
polying this methodology, we confirmed that uPAR and integrin are able to form later-
ally mobile complexes without the a need for additional adaptor proteins. Our dual-color
data suggest that uPAR-integrin complexation is enhanced in membrane regions with el-
evated CHOL content. This uPAR-integrin complexation promotes integrin translocation
to the raft-mimicking lo phase, and increases uPAR dimerization level in a CHOL depen-
dent manner. Our experimental data suggested that uPAR-integrin complexes in CHOL-
containing membranes are comprised of a uPAR-dimer and an integrin monomer. Addition
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of native ligands, such as VN, appears to stabilize the formation of such membrane pro-
tein hetero-complexes. Our work demonstrates that polymer-tethered lipid bilayers can
be applied as a powerful tool to investigate functional protein hetero-complexes in a well
defined lipid environment. Together, our experimental findings highlight the potential sig-
nificance of the local lipid environment in the formation and composition of uPAR-integrin
complexes plasma membranes. The dual color fluorescent assay, which was developed as
part of this Ph.D thesis, has the potential to become a useful tool to analyze the molecular
compositions of protein hetero-complexes in both model membranes and cellular mem-
branes. This work, for the first time, looked into the potentially important topic of protein
homo-oligomerizaton in heterocomplexes of membrane proteins, thereby providing im-
portant molecular insights about the role of lipid composition in complex formation. As
demonstrated for uPAR-integrin complexation, these experiments may provide critical in-
formation about the underlying mechanisms of pathological significant hetero-complexes
in different disease models.
4.5 Investigating Cadherin Chimera Dynamics and Spatial Distribution During Cell
Migration on Polymer-Tethered Lipid Bilayers
In previous sections, the role of local lipid environment and native ligands on the dis-
tribution and oligomerization states of membrane proteins and hetero-complexes of mem-
brane proteins have been explored using single molecule-sensitive confocal fluorescent de-
tection methodology. In particular, this methodology was applied to GPI-anchored uPAR,
integrins and uPAR-integrin complexes. In the current section, a comparable confocal
method is utilized to analyze the assembly and dynamics of cadherin linkages between cells
and a cell surface-mimicking substrate of adjustable stiffness. Specifically, the details of
cadherin linkerage assembly and mobility will be explored using a polymer-tethered lipid
bilayer system, which is functionalized with cadherin chimera (Fig. 4.30). In particular,
we will emphasize investigation of the clustering and dynamics of such cadherin chimera
clusters underneath migrating cells. In this experimental system, substrate stiffness can
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be altered by changing the number of bilayers in a polymer-tethered multi-bilayer stack,
thus providing valuable insights into the poorly understood relationship between external
mechanical cues and cadherin linkage dynamics at the cell-cell interface.
Fig. 4.30. A schematic of the experimental concept of a cadherin function-
alized polymer- tethered lipid bilayer system as a cellular substrate. In this
case, cadherin chimera (red) are freely diffusing on the polymer-tethered
bilayer surface (purple), but assemble into clusters to form linkages with
cellular cadherins. The clustered cadherin-chimera which are labeled us-
ing Alexa-555 dyes can be observed using fluorescent microscopy tech-
niques.
4.5.1 Characterization of Cadherin Chimera Fluidity, Oligomerziation State, and
Distribution on Polymer-Tethered Lipid Bilayers
Upon fabrication of polymer-tethered lipid bilayers, N-cadherin chimera, which consist
of the ectodomain of N-cadherin, Fc domain from IgG with 6 His-tags was applied to func-
tionalize the bilayer substrate. N-cadherin chimera were bound to DGS-NTA Ni-chelating
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lipids on the top leaflet of the bilayer system. To enable fluorescence analysis, N-cadherin
chimera were fluorescently labeled with Alexa-555. Fluorescence analysis revealed a ho-
mogenous distribution of lipids and N-cadherin chimera on the bilayer surface in Ca2+ free
PBS buffer prior to cell plating (Fig. 4.31).
Fig. 4.31. EPI micrographs of TRITC-DHPE (A) and N-cadherin chimera
(labeled with Alexa 555-tagged anti-N-cadherin antibody, (B) on the sur-
face of a polymer-tethered lipid bilayer. The featureless EPI micrographs
indicate a homogenous distribution of both dye labeled lipids and N-
cadherin chimera. Scale bar: 50μm [244].
To gain a better understanding of the properties of N-cadherin chimera on top of the
polymer-tethered lipid bilayers, FCS and PCH analyses of Alexa-555 labeled N-cadherin
chimera were conducted at fixed positions on the bilayer in Ca2+-free PBS, the result-
ing peaks in the fluorescence intensity-vs-time track (Fig. 4.32.A) demonstrate the lateral
mobility of bilayer-bound cadherin chimera. FCS autocorrelation analysis (Fig. 4.32.B)
of these time-intensity tracks provides a diffusion coefficient of N-cadherin chimera of
D = 0.34 ± 0.05μm2/s [244], which is in good agreement with previously reported re-
sults [245]. In comparison, TRITC-DHPE, use as a standard, exhibits the diffusion co-
efficient of D = 1.66 ± 0.39m2/s which is in good agreement with previously reported
values [54]. PCH analysis (Fig. 4.32.C) indicates that N-cadherin chimeras are predom-
inately monomeric on the bilayer surface. Altogether, the data in Fig. 4.32 suggests that
individual lipid-bound N-cadherin chimera are freely diffusive without forming observable
clusters.
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Fig. 4.32. Intensity-time-trace (B) of the Alexa-555 labeled cadherin
chimera linked to the polymer-tethered lipid bilayer in Ca2+ free PBS
buffer (A). Typical autocorrelation curves of TRITC-DHPE and N-
cadherin chimera (B). PCH curves, displayed in (C) lead to Xdimer values
of 0.16± 0.01 (N-cadherin chimera) and 0.018± 0.012 (TRITC-DHPE),
illustrating the monomeric nature of lipids and bilayer-bound N-cadherin
chimera [244].
Next, the lateral mobility of N-cadherin chimera clusters in polymer-tethered lipid bi-
layers is examined using an N-cadherin chimera functionalized fluorescent bead assay. In
this case, N-cadherin functionalized red fluorescent beads (500nm) were allowed to bind
on an N-cadherin functionalized (0.1mol%) polymer-tethered lipid bilayer. As confocal
imaging analysis shows (Fig. 4.33.B), N-cadherin chimera-functionalized beads were able
to bind on the polymer-tethered lipid bilayer either in the absence functionalized with
N-cadherin chimera in Ca2+-containing medium. In contrast, comparable beads are un-
able to bind to the cadherin functionalized lipid bilayer either in the absence of Ca2+
(Fig. 4.33.C) or without bilayer-bound N-cadherin-chimera. Unlike individual N-cadherin
chimera, beads functionalized with N-cadherin chimera are completely immobilized if
bound to the N-cadherin-functionalized polymer-tethered lipid bilayer. This finding il-
lustrates the remarkable material properties of polymer-tethered single and multiple lipid
bilayer systems, which can be attributed to the presence of lipopolymers in such membrane
architectures, resulting in a strong inter-leaflet coupling of lipopolymer-induced obstructed
diffusion [65, 66, 86]. Here, membrane components with a larger size than the average
tethering distance are largely immobilized, whereas smaller probes maintain their lateral
mobility [86].
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Fig. 4.33. Schematic of N-cadherin chimera functionalized fluorescent
bead linked to N-cadherin-functionalized multi-bilayer stack (A). Dual
color fluorescent micrograph shows that N-cadherin functionalized beads
(red) are bound to N-cadherin-chimera-containing polymer-tethered bi-
layer stacks (labeled with NBD-DHPE) in the presence of Ca2+(B),
whereas, without Ca2+ addition, no bound fluorescent beads are observed
on top of the bilayer after rinsing. Scale bar: 5μm [244].
4.5.2 Studies of N-Cadherin Cluster Dynamics and Distribution During C2C12 My-
oblast Migration
The distribution and lateral mobility of fluorescently labeled N-cadherin chimera were
first investigated on a single polymer-tethered lipid bilayer containing 0.1mol% DGS-NTA
in the top leaflet. As illustrated in Fig. 4.34, the lipid distribution (indicated by TR-DHPE,
Fig. 4.34.A) was not altered by the presence of adherent cells (24hrs after plating), indi-
cating good membrane integrity and suitability as artificial cell substrate. Moreover, FRAP
analysis was conducted according to the description in Chapter 3. In this case TR-DHPE
underneath spreading cells exhibits nearly fully recovery (Fig. 4.34.B, IF=9%) exhibiting
a diffusion coefficient of D = 1.67 ± 0.05μm/s2 [244]. This finding indicates that cell
migration does not alter the lateral mobility of lipids in the model membrane system. In
contrast, N-cadherin chimera are no longer homogeneously distributed in the presence of
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plated cells. Unlike TR-DHPE, they exhibit an enrichment at the periphery and extensions
of migrating cells. This heterogeneity suggests that N-cadherin chimera distribution can
be seen as a mirror image of actual cellular adhesions of migrating cells. As illustrated by
Fig. 4.34.C, there is little cadherin enrichment underneath the nucleus area of the migrating
cell, in good agreement with recent results of cadherins in cell-cell junctions [246]. FRAP
analysis shows that cadherin chimera have a substantial immobile fraction of IF=59.5%
and the mobile fraction displays a diffusion coefficient of D = 0.047 ± 0.004μm/s2 (Fig.
4.34.D) [244].
Fig. 4.34. Cellular adhesion and migration processes do not alter the ho-
mogeneous lipid distribution in the polymer-tethered lipid bilayer (A).
Accompanying FRAP analysis reveals nearly full fluorescent recovery of
TR-DHPE lipids underneath plated cells (B). In contrast, enrichment of
Alexa-555 labeled cadherin chimera can be observed underneath cells in
comparable substrates (C). FRAP analysis of the N-cadherin chimera in-
dicates a substantial immobile fraction of cadherin chimera clusters un-
derneath plated cells (D). The contours of plated cells obtained from the
DIC micrographs are indicated as a gray line, bleached areas are depicted
as circles. Scale bar: 5μm [244].
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The spreading of cells and the accompanying accumulation of N-cadherin chimera il-
lustrates the fascinating properties of polymer-tethered lipid-bilayers as a biomembrane-
mimicking cell substrate. Observed cadherin chimera accumulation into clusters under-
neath cells, can be attributed to the dynamic properties of such linkers in the polymer-
tethered membrane. Notably, this accumulation property cannot be observed on polymer
substrates with chemically conjugated linkers. As a result, cell spreading on the polymer-
tethered lipid bilayer substrate is largely independent from linker density. In fact, the av-
erage linker distance ranges between 48nm to 160nm is employed in this study, has no
significant impact on cell spreading area and migration of C2C12 myoblasts. In contrast,
cell spreading was substantially suppressed on polymer substrates with chemically conju-
gated linkers if a linker distance of ∼70 nm or greater was used [247]. Interestingly, a
similar heterogeneous distribution of E-cadherin chimera underneath epithelial cells was
reported by Biswas et.al using the platform of SLBs with high membrane viscosity. In
their research, a nucleation of E-cadherin chimera clustering was observed, suggesting an
important role of the cytoskeleton during E-cadherin enrichment [70].
4.5.3 Examining Influences of Cytoskeletal Organization on N-Cadherin Cluster As-
sembly and Dynamics
The role of the cytoskeleton of plated cells in N-cadherin chimera cluster assembly was
next examined using confocal microscopy. In this case, the concentration of DGS-NTA
on the surface of the polymer-tethered lipid bilayer was kept at 0.1mol%. The distribution
of fluorescently tagged N-cadherin chimera in this cell surface-mimicking substrate was
monitored at the front and tail region of plated cells over time. Fig. 4.35. B-C show the
time evolution of N-cadherin chimera distribution at the cells front, whereas (Fig. 4.35.D-
E) provide corresponding data from the tail region. These micrographs demonstrate that
N-cadherin chimera clusters are not static; both areas are characterized by substantial long-
range movements of N-cadherin chimera patches.
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Fig. 4.35. Spatiotemporal analysis of Alexa 555-labeled N-cadherin
chimera underneath a C2C12 myoblast (A) shows long-range mobility of
chimera clusters at the front (B, C), and tail regions (D, E) of the cell.
Enlarged areas are indicated by red rectangles (A). Green and white cir-
cles illustrate N-cadherin cluster positions at times t=0s (green) and t= 40s
(white), respectively. Scale bar: 20μm [244].
As confirmed from section 4.5.1, linker clusters larger than 200nm in diameter are un-
able to freely diffuse in polymer-tethered lipid bilayers. Therefore, the long-range move-
ments of N-cadherin chimera clusters observed on the polymer-tethered bilayers under-
neath plated cells can likely be attributed to cytoskeleton forces of plated cells. In order
to better quantify the dynamics of linker clusters, The concentration of DGS-NTA was
adjusted to 0.005mol% and the N-cadherin chimera cluster movement was tracked using
uTrack following procedures decribed in section 3.2.11. Fig. 4.36.A illustrates a typical
uTrack image with resulting tracks (represented as red lines) obtained from a twenty-minute
movie. This tracking analysis demonstrated that the long-range movement of N-cadherin
chimera clusters is approximately three times faster than the previously reported cell mi-
gration speed [65]. Moreover, the N-cadherin chimera cluster movement is slightly asym-
metric within one cell, it is more orientated at the tail of spreading cells while more random
movements of such clusters can be seen at the front region of cells.
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Fig. 4.36. Representative tracking result of N-cadherin chimera clusters
underneath spreading C2C12 myoblast cells using uTrack analysis (A).
Average cluster-moving speed was determined through analysis of 10 dif-
ferent cells (B). For each cell, 50 tracks were considered at front and tail
area of the cell. Cells analyzed 24 hrs and 48hrs after plating showed com-
parable cluster moving speed. Error bars show the standard deviation of
the results from 10 cells. Scale bar: 5μm.
In addition to cluster tracking analysis, the influence of Latrunculin B (LaB), an in-
hibitor of actin polymerization, on the assembly and dynamics of N-cadherin chimera
was examined. These experiments were considered to clarify the role of cytoskeleton
in N-cadherin chimera assembly and dynamics underneath adhered cells. In this exper-
imental assay, addition of 10μM LaB substantially impaired cell spreading/migration on
linker-functionalized polymer-tethered lipid bilayers (Fig. 4.37). Furthermore, cadherin
chimera clusters became largely immobilized after ten minutes of incubation with LaB
(Fig. 4.37.C). After thirty minutes, most of the N-cadherin chimera clusters were dissolved
(D). These findings confirmed the important role of the cytoskeleton in the formation and
mobility of N-cadherin chimera clusters. In previous reports, AJs were reported to exhibit
a remarkable long-range mobility including apical-to-basal [178] flow and treadmilling of
AJs [62]. In light of these findings, our observation of long-range movement of N-cadherin
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Fig. 4.37. Effects of LaB on cell spreading and linker dynamics. Rep-
resentative DIC image of cells on polymer-tethered lipid bilayers before
(A) and immediately after (B) addition of 10μM LaB reveal substantial
changes of cell morphology upon LaB treatment. (C) illustrates the his-
togram of N-cadherin cluster movement distance before (blue) and 5mins
after LaB addition (red) as obtained using uTrack. (D) shows that LaB
addition leads to substantial drop of trackable cluster. In this case, cluster
size threshold was set at 200nm in diameter. Error bars indicate standard
deviation from tracking analysis obtained from 5 different cells (ANOVA
test, P<0.005). Scale bar: 10μm.
chimera linkers at the cell-substrate interface is intriguing, as it suggests that our substrate
functions as a compelling cell surface-mimicking platform for the analysis of adhesion
linker dynamics at cell-cell interfaces.
4.5.4 Evaluating Influence of Multi-Bilayer Stacking on N-Cadherin Clustering Un-
derneath C2C12 Myoblasts
Due to the limitations of existing cellular substrates for the investigation of cell-cell
linkages, the impact of external mechanical signals on the dynamics of cadherin-based
adherens junctions, which act as sensitive mechanosensors at the cell-cell interface, re-
mains largely unknown. Previously, our group established polymer-tethered multi-bilayer
stacks with a laminin-functionalized surface as cellular substrates for the analysis of cel-
lular mechanosensitivity of 3T3 fibroblasts [64, 65]. Using this biomembrane-mimicking
cell substrate, we demonstrated that substrate stiffness decreases with increasing numbers
of bilayers in the stack. To investigate the correlation between linker cluster dynamics and
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substrate stiffness, simila multi-bilayer stacks functionalized with Alexa-555 labeled N-
cadherin chimera (instead of laminin) were employed. N-cadherin chimera cluster track-
ing analysis was conducted underneath cells (24 hours after cell plating) on single (Fig.
4.38.A), double (Fig. 4.38.B) and quadruple (Fig. 4.38.C) bilayer stacks.
Fig. 4.38. Representative uTrack cluster tracking result of N-cadherin
chimera clusters underneath spreading C2C12 myoblasts on single (A),
double (B), quadruple (C) bilayers. Tracks over 20 mins are indicated as
red lines. Color bar indicates confocal readout intensity. Scale bar: 5μm.
As indicated by Fig. 4.38, the number of trackable linker clusters decreases with in-
creasing bilayer stacking. Further quantitative analysis shows that the number of trackable
linker clusters for each cell dropped from approximately 100 clusters per cell on a single
bilayer to about 30 clusters per cell on a quadruple bilayer (Fig. 4.39.A). Moreover, uTrack
cluster tracking analysis identified that clusters of N-cadherin chimera move faster as the
bilayer stack increases (Fig. 4.39.B). These results illustrate a correlation between linker
cluster dynamics and previously established properties of cellular mechanosensitivity, such
as cellular traction force, cell migration speed, and cytoskeletal organization in response to
a change in bilayer stacking. This finding supports the concept that linker cluster dynamics
is closely associated with cellular mechanosensitivity.
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Fig. 4.39. Cluster properties of cells plated on single, double, and quadru-
ple bilayers. In specific, number of trackable clusters decrease as stacking
level increases (A), while linker mobility increases (B) with an increase in
the degree of bilayer stacking.
In addition to cell property changes in response to bilayer stacking, we have also ob-
served that cells on multiple-bilayer substrates functionalized with N-cadherin chimera are
more tolerant to LaB treatment than cells on a corresponding single bilayer. As illustrated
by Fig. 4.40, the addition of 10μM LaB did not significantly impair cell spreading and
N-cadherin chimera cluster mobility on double bilayers (Fig. 4.40.C-D). Whereas the most
substantial change in cell spreading and linker cluster mobility can be observed on a corre-
sponding single bilayer system (Fig. 4.40.A-B). These observations suggest an intriguing
relationship between substrate stiffness and the impact of LaB treatment on properties of
plated cells.
Our experiment demonstrates that N-cadherin-chimera-functionalized polymer-tethered
lipid bilayers and bilayer stacks work as a powerful cell surface-mimicking substrate sys-
tem for the analysis of cellular mechanosensitivity. Taking advantage of the unique proper-
ties of this platform, the dynamic assembly of cadherin chimera linker clusters was inves-
tigated during cell mechanosensing. Cadherin linker dynamics was evaluated, for the first
time, at a surface that mimics cell-cell adhesions. In combination with confocal-based fluo-
rescence imaging techniques including FRAP and particle tracking, we were able to detect
the enrichment of N-cadherin chimera linkers during cell migration and to characterize the
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Fig. 4.40. Representative DIC images of cells plated on single polymer
tethered lipid bilayer (A) and double bilayer stack (C) indicate a better
cell integrity for cells plated on double bilayers after the same dose of LaB
treatment. As illustrated by (B) and (D), long range movement of cadherin
linker clusters underneath cells plated on double bilayer stacks are less sig-
nificantly hindered by the addition of LaB. Moreover, amount of trackable
clusters only moderatedly decreases compared to single bilayer systems
(E, cluster size threshold was set as 200nm in diameter). Error bars indi-
cate standard deviation from tracking analysis obtained from 5 different
cells (ANOVA test, P < 0.01).
differences in linker movement at different areas underneath plated cell. Moreover, our re-
sults showed that cadherin linker assembly and dynamics is closely related to cytoskeletal
organization. This work provides an initial example of quantitatively characterizing phys-
iologically and pathologically important cell-cell linker dynamics based on cell-surface
mimicking polymer-tethered single and multi-lipid bilayer substrates that better replicate
the rich dynamics found at cell-cell interfaces than traditional polymeric substrates with
chemically immobilized linkers [244]. The introduced experimental platform and quan-
tification methodology can be adapted in future adhesion linker dynamic analyses in cell
systems.
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5. CONCLUSIONS AND OUTLOOK
5.1 Conclusions
It is widely accepted that the distribution and dynamic rearrangement of membrane
proteins and membrane protein complexes play essential roles in cellular function. The
significance of such membrane protein properties is illustrated by the fact that there is an
emerging trend in developing novel therapeutic strategies targeted at membrane protein as-
sembly processes in diseases, such as cancer and neurodegenerative diseases [248–250].
However, due to the complexity of the biological membrane and the limitations of existing
experimental methods, the underlying mechanisms of membrane protein assembly and dy-
namics often remain obscure. To solve this shortcoming, the central goal of this thesis was
to develop a methodology to explore the distribution and dynamic assembly of proteins
and protein complexes in planar model lipid mixtures of well-defined composition with
single molecule sensitivity. Using this experimental strategy, selected membrane proteins
were analyzed using a combination of complementary confocal-based fluorescent imaging
techniques, which provide insight into the distribution, lateral mobility and oligomeriza-
tion states. Using these models and techniques, this work explored membrane protein
distribution and dynamic rearrangement that are related in two different areas, membrane
biophysics and cell mechanics. The membrane proteins analyzed included integrins, GPI-
anchored uPAR, and cadherin, all of which are implicated in several key physiological and
pathological processes.
In the first section of this dissertation, the distribution and oligomerization states of
reconstituted membrane proteins were examined in raft-mimicking lipid mixtures. Using
combined FCS, PCH, and CS-XY scans, we revealed that GPI-anchored uPAR is specifi-
cally enriched in raft-mimicking lo phases. Thereby displaying a moderate ratio of dimers.
Importantly the addition of natural ligands, including uPA and VN, has a significant impact
116
on uPAR dimerization level and uPAR distribution in model membranes. Moreover, by
applying three types of raft-mimicking lipid mixtures, we discovered that uPAR oligomer-
ization and sequestration are not significantly influenced by CHOL level in the membrane.
In contrast, changes in CHOL concentration were found to have a profound effect on
the distribution of integrin αvβ3 and αvβ3+VN in raft-mimicking lipid mixtures with coex-
isting lo and ld domains. Here the observed relocation of integrins in response to CHOL
concentration can be attributed to the effect of this sterol on physical properties of the bi-
layer, such as hydrophobic thickness and lipid packing [251]. By looking into the details of
sequestration and oligomerization, influences of ligand binding and lipid environment on
the distribution and oligomerization of GPI-anchored uPAR and transmembrane integrin
were determined in raft-mimicking environments. Remarkably, findings from these two
proteins revealed distinctive sorting mechanisms for GPI-AP and transmembrane protein,
suggesting different roles of ligand binding and lipid environment in regulating membrane
protein distribution and function.
The described methodology was not limited to the analysis of a single type of membrane
protein in the model membrane, but also included the characterization of lipid-membrane
protein and membrane protein-membrane protein complexes in corresponding model lipid
compositions. The influence of CHOL and ligand binding on the formation and seques-
tration of such complexes was examined together with the oligomerization states of mem-
brane protein in complexes. The first complex under investigation was a complex of inte-
grin α5β1 and GM3. Using combined CS-XY scans and PCH analysis, we found that the
complexation between the GM3 and α5β1 possibly formed through specific chemical inter-
actions. Intriguingly, GM3 caused the translocation of integrin α5β1 from the ld to lo phase
in raft-mimicking lipid mixtures. Moreover, in CHOL free lipid bilayers, the complexa-
tion between GM3 and α5β1 was accompanied by a substantial increase in the dimerization
state of α5β1, whereas no comparable effect was observed in the CHOL-containing lipid
mixtures. These results are interesting as they provide important insight into some physio-
logically relevant structure developments, such as glycosynapse formation [37].
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In another set of experiments, the complex formation between uPAR and integrin αvβ3
complex was investigated. This work is significant as this is the first biological complex
between a transmembrane protein and a GPI-AP established in an artificial model mem-
brane. In addition, in this project, we developed a dual color quantification method to
explore the formation and composition of uPAR-αvβ3 complexes. A particular strength of
the methodology represents the ability to identify the homo-oligomerization state of each
membrane protein in the hetero-complex. Identification of oligomerization within mem-
brane protein complexes is technically challenging. Nevertheless, by introducing a novel
dual-color confocal fluorescence quantification method and by combining this methodol-
ogy with our previously established single color FCS, PCH, and CS-XY scan methods, we
were able to investigate the influence of membrane-protein-complex formation on seques-
tration, oligomerization, and dynamics of uPAR and integrin. In particular, we observed
that αvβ3 relocated from the ld to lo phase in raft-mimicking lipid mixtures upon uPAR
reconstitution, which could be attributed to complex formation and/or the allosteric change
of integrins upon complex formation. Remarkably, we found that uPAR dimerization in-
creased as the uPAR-integrin complex formed, suggesting a critical role of CHOL in com-
plex formation. From the dual color assay, we found that uPAR dimerization level in the
complex is extremely high while αvβ3 stays mostly monomeric. Based on that informa-
tion, we proposed a dimer-monomer model for uPAR-integrin αvβ3 complexes. Also, we
observed that the addition of the common ligand, VN, helped to promote complex forma-
tion between uPAR and αvβ3 in CHOL-free lipid bilayers. These findings are potentially
significant in light of the physiological and pathological importance of this complex. Our
experimental results show that this novel dual color assay provides a powerful experimental
platform to decipher properties of a wide-range of hetero-complexes in model membranes
and cellular systems with unprecedented accuracy.
In the second section of this thesis, processes of membrane protein distribution and
assembly were considered during cell adhesion and migration. In specific, we studied the
clustering and dynamics of N-cadherin chimera at the cell-substrate interface during cell
migration. Here we investigated the influence of substrate stiffness and cytoskeletal organi-
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zation on such dynamic clustering processes. We fabricated polymer-tethered single lipid
bilayers and corresponding multi-bilayer stacks as a cell-surface-mimicking substrate of
adjustable stiffness. Using laser-scanning confocal microscopy in combination with FCS,
PCH, FRAP, and cluster tracking analysis (uTrack), we were able to quantitatively char-
acterize the accumulation , distribution, and dynamics of N-cadherin chimera underneath
plated cells. Our results indicated that cadherin chimera linker cluster formation and mobil-
ity are primarily driven by the cytoskeleton, with both random and orientated movements
being observed. Furthermore, linker cluster dynamics were observed to change in response
to mechanical property changes of the substrate due to alternation of the number of bilayers
in the multi-bilayer stack. In softer multi-bilayer stacks, linker cluster size decreases and
clusters move at a faster speed compared to clusters found on a stiffer substrate. Addi-
tionally, induced breakdown of the cytoskeleton stops cadherin chimera cluster movements
and disassembles such clusters over time. In this project, we applied cluster tracking to the
analysis of cell-cell cadherin-based linkages for the first time. These experiments revealed
interesting insights into linker cluster movement between cell and cell-surface-mimicking
substrate. In that sense, this project demonstrated the suitability of cell-surface-mimicking
substrates for the quantitative analysis of linker clusters at the cell-cell interface, which
links to processes such as tissue recovery, stem-cell differentiation, and cancer develop-
ment.
Together, the experiments described in both sections of the thesis demonstrated the
power and versatility of singe molecule-sensitive confocal methodology for the analysis of
protein distribution and assembly in membrane systems. Our data also show that polymer-
tethered lipid bilayers function as an excellent model membrane platform for the investiga-
tion of membrane protein dynamics, distribution and oligomerization.
5.2 Outlook
The work described in this thesis is mainly focused on analyzing membrane protein
dynamics, distribution, and oligomerization using polymer-tethered lipid bilayers in com-
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bination with confocal-based fluorescent imaging techniques. In this work, we furthered
understanding of membrane protein dynamics in an environment that mimics the natural
environment of biomembranes. More significantly, we introduced two innovative quantifi-
cation tools that can be applied broadly to study dynamic membrane protein assemblies.
With these tools and the results in this thesis, future research could be expanded to the
following type of problems:
1. In uPAR-integrin complexes, other ligands, such as uPA and plasminogen activator
inhibitor-1, might play interesting roles in complex formation. It would be worth examining
complex formation under the condition that more ligands are associated with the complex.
Moreover, other membrane protein-membrane protein complexes, such as integrin cross-
talk and EGFR association with uPAR-integrin complexation, are also potential targets for
future analysis.
2. In this work, the potential complex between integrin and GM3 was investigated
using a single color strategy. This complex can be further analyzed by dual color assay to
reveal the mechanism of GM3 induced integrin clustering and the effect of CHOL in this
process. Such experiments could provide clues into some of the molecular processes in the
development of neurodegenerative diseases.
3. In the current thesis work, we explored the assembly and dynamics of N-cadherin
linkages between plated cells (C2C12 myoblasts) and a cell-surface-mimicking substrate
of adjustable stiffness. The described experimental strategy is equally applicable to other
cadherins, such as E-cadherin and VE-cadherin. The analysis of such processes could be
potentially significant to better understand the role of mechanical signals during epithelial
cell polarization and metastasis. Such experiments may be useful in the development of
new therapeutic tools for diseases, such as cancer and inflammation.
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